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Abstract

Prokaryotic communities are ubiquitous in every environment on earth. In the oceans
they are integral to a number of biogeochemical processes and form the base of marine food
webs. Microbes have also coevolved with eukaryotes, aiding in a variety of host functions
including digestion and nutrient absorption, development of the immune system, and protection
against pathogens. The disruption of these microbial communities, especially in the gut, has been
linked to altered health statuses and physiological functions in a range of hosts. The eastern
oyster, Crassostrea virginica (Gmelin, 1791), is a valuable economic and ecological resource in
near-shore environments. As a result of their suspension-feeding activities, oyster tissues are in
constant contact with bacteria in the water column. Considering such interactions, and the value
of oysters to ecosystem functioning, the relationships of oysters and their associated microbial
communities are surprisingly poorly understood. As such, the temporal and spatial distribution of
the oyster microbiome within Long Island Sound was evaluated, as well as the role of
environmental reservoirs of bacterial communities, both free-living and particle-associated. The
oyster-associated gut microbiome was also compared to that of the blue mussel, Mytilus edulis
Linnaeus, 1758. Finally, the role of these bacterial communities in oyster digestive activity and
pathogen accumulation was assessed.
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Major results indicate that oysters maintain similar microbial communities over time and
space which are largely influenced by seawater temperature. Both genetic and functional
diversity of the oyster-associated microbial communities decreased in the winter, as did
environmental microbial communities. The stability of these communities across spatial scales
may be due to oyster genetic factors, and the high gene flow in Long Island Sound. Oysters
maintained a common community of microbes, or “core,” in their gut throughout the summer
and fall. This core gut microbiome was also shared with mussels. In contrast to oysters, however,
mussels maintained gut microbiomes which did not experience a decrease in functional diversity
in winter months. This functional stability is likely due to the higher feeding activity of mussels
in the winter compared to oysters. In individual microcosm experiments, a disturbance of the gut
microbiota by antibiotics resulted in variable impacts on oyster physiological enantiostasis.
Digestive enzyme activity and absorption efficiency showed few significant differences between
antibiotic treated and control groups. When challenged with the pathogen Vibrio coralliilyticus,
however, an advantage was seen in depuration of pathogens for those oysters which did not have
a microbiome disturbed by antibiotics. Stability of digestive activity may be due to functional
redundancy in the gut microbial community, the continued contribution of enzymes from lysed
cells, and horizontal transfer of metabolic genes. Extended experiments with more time points, as
well as repeated challenges, would help to further elucidate the role of oyster-associated
microbial communities to the overall physiological functioning of the host. This research
provides a vital baseline for future research aimed at understanding the role gut microbes have in
oyster physiology.
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I.

Introduction

A. Host-Associated Microbial Communities
Prokaryotic organisms are essential for all of Earth’s habitats. In the oceans, they drive a
manifold of biogeochemical process and form the base of marine food webs. Bacteria in
particular have formed symbiotic (commensal, mutualistic, pathogenic) associations with almost
all eukaryotic organisms. These interactions have influenced the evolution of prokaryotes and
eukaryotes, and in many cases have led to mutually beneficial and even obligatory relationships
(Lee & Mazamanian 2010, Fraune et al. 2010, Nyholm & Graf 2012, Mendes et al. 2013, Huang
et al. 2014). The term “microbiome” is used to describe the types of bacteria (microbiota) and
their associated genes that make up the community inhabiting an organism (Lederberg &
McCray 2001, Hooper & Gordon 2001). These microbial communities can outnumber their host
cells by more than 10 to 1 (Pennisi 2013), and mediate a number of processes for their host,
including digestion and nutrient absorption, immune system development, and disease
susceptibility (Crosby et al. 1990, Wold & Alderberth 2000, Ley et al. 2005, Turnbaugh et al.
2007, Mazmanian et al. 2008, Dishaw et al. 2014a).

Some of these host-prokaryote relationships are very specific, and have been the major
focus of research. Shipworms, a species of marine bivalve molluscs, harbor in their gills a
community of Gammaproteobacteria which aid in the digestion of cellulose, as wood comprises
the entirety of their diet. These bacteria are found across many shipworm species distributed
worldwide (Distel et al. 1991, Distel et al. 2002). Hydrothermal-vent organisms (e.g., tube worm
Riftia pachyptila) harbor chemoautotrophic symbionts that use reduced energy sources and
provide organic nutrients for the hosts (Dubilier et al. 2008). The diversity of bacterial symbionts
1

in these vent organisms is high and studies have shown that the associations have evolved
multiple times (Dubilier et al. 2008). In the fruit fly, Drosophila melanogaster, gut microbiota
activate the host production of reactive oxygen species (ROS) in the presence of pathogens
(Buchon et al. 2013). The digestive tract of the medicinal leech, Hirudo medicinalis, is colonized
by the symbiont Aeromonas veronii, which produce essential vitamins not found in the blood
diet of the leech (Graf et al. 2006, Maltz et al. 2014). The Hawaiian Bobtail squid, Euprymna
scolopes, harbors the bacterium, Vibrio fischeri, in a light organ in order to avoid predators by
counter-illumination when hunting at night (Nyholm & McFall-Ngai 2004, Jones & Nishiguchi
2004). Newly hatched squid acquire the bacterium from the environment, selecting V. fischeri
over all other bacterial species (reviewed in Nyholm & McFall-Ngai 2004). The specificity is
maintained by a number of host and symbiont factors (Nyholm & McFall-Ngai 2004). These and
many other prokaryotic symbioses exist on and in the surfaces, tissues, and organs of both
terrestrial and aquatic organisms.

Less specific interactions have also been reported, and interest in the ecology of hostassociated microbiota has increased in recent years (Evans et al. 2013, Mavrommatis et al. 2013,
Mendes et al. 2013). Research on this topic has included a number of species, terrestrial and
aquatic, ranging from sponges to humans. For example, studies on sponges, coral, and shellfish
have shown that microbial communities found in the host can be distinct from habitat-specific
bacteria found in the environment (Harris 1993, Rosenberg et al. 2007, Fan et al. 2012, Schmitt
2012, Kimes et al. 2013). In humans, tissue specific communities have been identified within
individuals (Turnbaugh et al. 2007, Huttenhower et al. 2012). Additionally, core microbiomes, in
which the microbiota are conserved across individuals of the same species, have been discovered
for a number a hosts (tunicate – Dishaw et al. 2014b; zebrafish – Roeselers et al. 2011; shrimp –
2

Rungrassamee et al. 2014). This phenomenon may indicate a specific functional role of the
conserved bacteria.

When considering the microbiome, both functional and genetic diversity of the
community should be evaluated. The microbiome can be divided into two components: the core,
or resident community and the transient community. The transient microbial community may be
more seasonally affected than the core, attributed to the passing of seawater and food through the
host. The functional and genetic diversity of the core and transient microbiomes are influenced
by numerous extrinsic and intrinsic factors (Figure 1). Few studies have attempted to understand
how these factors mediate the colonization and maintenance of bivalve microbial communities.
When they have been addressed, research has focused on extrinsic factors the most. The effect of
the host on its microbial community, and vice versa, has remained almost completely unresolved
for many species.

In the aquatic environment, differences in bacterial composition between seawater and
hosts indicate a niche selection by bacteria in which the host represents a favorable environment
(La Valley et al. 2009, Lokmer & Wegner 2015). Interspecific differences in the microbiota at
one location, and intraspecific similarities in the microbiota of geographically separate
individuals, indicate potential species-specific relationships (Fraune & Bosch 2007, Zurel et al.
2011, Trabal et al. 2012, Dishaw et al. 2012, Dishaw et al. 2014b, Pierce et al. 2016). Although
some studies have demonstrated such specificity, others have found diverse and variable
microbiota within a species and site (e.g., amphipods - Mengoni et al. 2013), and differences
within a species between sites (e.g., Crassostrea spp. oysters - King et al .2012, Trabal et al.
2014; queen conch - Carrascal et al. 2014; Brachidontes mussel - Cleary et al. 2015). The
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influence of stochastic processes may also be a factor for diversity, which would help explain
variation in the microbiome among organisms separated geographically. These observed
differences may be attributed to chance host-bacterial interactions (Lankau et al. 2012).

A few studies have postulated that the host itself imparts control on the bacterial
communities it maintains, which may help to explain the widespread trend of core microbiomes
across diverse phylogenies. One striking example of this concept was seen with Hydra research,
when environmental and laboratory reared organisms harbored the same microbiota (Fraune &
Bosh 2007). Additionally, two Hydra species reared under identical conditions maintained
distinct communities (Fraune & Bosch 2010). Host genetic factors may be a driving force in
colonization control (Dishaw 2014a). Likely, both extrinsic (environmental) and intrinsic (host)
factors are at play in shaping and mediating the prokaryotic communities of aquatic organisms.

In order to understand the microbiomes of marine bivalve molluscs, research on more
well-studied aquatic suspension-feeders provides a relevant analog. Marine sponges, although
they do not contain a gut, are important marine suspension-feeders which harbor bacteria in high
densities of up to 109 cells per cubic centimeter of tissue (Hentschel et al. 2012). They contain
microbiota distinct from the seawater, although it is thought that many sponges do recruit
symbionts from the surrounding water (Fan et al. 2012). A high diversity of bacteria is seen, with
nearly as many operational taxonomic units (OTUs) recovered in sponges as in seawater
samples, and over 32 phyla regularly reported with any single sponge species (Reveillaud et al.
2014, Thomas et al. 2016). These bacterial assemblages are highly conserved among sponge
species, over both time and space, and conservation is thought to be due in part to the microbes
fulfilling specific functional roles for the sponges (Fan et al. 2012, Trindade-Silva et al. 2012,
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Blanquer et al. 2013, Reveillaud et al. 2014). Part of the conservation among species can be
linked to the vertical transmission of bacteria from the parental tissue, a result of reproduction by
fragmentation (Webster et al. 2009, Hentschel et al. 2012). Despite the differences in life history,
structure, and reproduction, sponges provide a simplistic model to relate to other suspensionfeeders.

Like sponges, corals have been found to harbor bacterial communities that differ from the
surrounding environment. Within individual soft and hard corals, bacteria inhabiting the mucus
differ from those within the skeleton and tissue, indicating organ specificity and preference
(Rosenberg et al. 2007). The mucus layer serves as a nutrient-rich environment that supports a
diverse and species-specific bacterial community (Meikle et al. 1998, Rohwer et al. 2001,
Rohwer et al. 2002). The microbiota benefit the coral by absorbing UV radiation, supplying
nutrients, and protection from pathogens (Anthony et al. 2000, Shnit-Orland & Kushmaro 2009,
Ravindran et al. 2013) Under stressful conditions, however, these bacteria can become
pathogenic (Lesser et al. 2007, Thurber et al. 2009). Further work has shown more definitive
differences among healthy, diseased, and dead coral microbiomes, which are defined by health
status regardless of species or geography (Frias-Lopez et al. 2002, Roder et al. 2014).

As with other suspension-feeders, species-specific microbial communities have been
observed in tunicates (Dishaw et al. 2014b). This trend has been consistent for multiple species,
even when tunicates were separated geographically with little genetic flow (Cahill et al. 2016).
Tissue specific microbial communities are also likely, with the gut and tunic microbiomes
distinct from one another and from environmental samples (Blasiak et al. 2014, Cahill et al.
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2016). In contrast to sponges, the core microbiome of tunicates is comprised of a smaller number
of phyla and OTUs (Dishaw et al. 2014b, Cahill et al. 2016).

These and other host-microbiome studies have focused largely on the diversity of
microbial communities, with an emphasis on their spatial and temporal distributions as well as
their relationship to the environment, and thus, the surrounding seawater. As sponges, corals, and
tunicates are also suspension-feeding invertebrates, the results of these studies provide a useful
baseline for comparison with bivalve microbial communities.

B. Microbial Communities of Bivalve Molluscs
Suspension-feeders, such as oysters and mussels, often dominate the macrobenthos in
coastal systems and play a major role in ecosystem processes. Bivalves interact with the watercolumn by cycling dissolved nutrients, removing plankton and aggregated material, depositing
feces and pseudofeces, and contributing to the concentration of transparent exopolymer particles
(TEP) (Dame 1993, Pile et al. 1997, Prins et al. 1998, Newell 2004, Li et al. 2008, Heinonen et
al. 2007). Because of their dynamic interactions with the water column, bivalve encounter rates
with microbes are high. Bivalves have the ability to filter large quantities of water (e.g., 3-9
L/hr/g dry mass for oysters; Newell et al. 2005), and so come into contact with, and pass through
their bodies, both free-living and particle-associated microbes. The bacteria they interact with
and harbor have the potential to be particularly important to physiological and biochemical
enantiostasis.

In addition to the ecosystem services they provide, many species of bivalves are
commercially important. For example, the eastern oyster (Crassostrea virginica) fishery is
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valued at >$196 million annually in the United States alone (NMFS 2015). Consequently,
understanding the factors that help mitigate the health of bivalves has implications for the
environment as well as the global economy.

Microbes associated with bivalves have been well studied for more than a century (i.e.,
Round 1914). These studies, however, largely focused on the uptake and depuration of bacteria
pathogenic to humans (e.g., Vibrio spp.; DePaola et al. 1990, Froelich & Oliver 2013), or on
indicators of such pathogens (e.g., Escherichia coli; Colwell & Liston 1960, La Valley et al.
2009). Additionally, homogenization of whole animals was routine and evaluation of the
microbiota of bivalves in early studies was limited by the sole use of culture-dependent media
(Murchelano & Brown 1968, Kueh & Chan 1985). Broad based ecological studies have only
become possible with the recent development of molecular techniques, including research on
tissue specific communities (Hernández-Zárate & Olmos-Soto 2006, Green & Barnes 2010).

Research

using

culture-dependent

methods

demonstrated

that

Achromobacter,

Aeromonas, Altermonas, Pseudomonas, Flavobacterium/Cytophaga, Micrococcus, and Vibrio
were bacterial genera commonly isolated from bivalves (Colwell & Liston 1960; Pillai 1980;
Kueh & Chan 1985; Olafsen et al. 1993; Pujalte et al. 1999). Findings also indicated that
bacterial concentrations in bivalves were higher by an order of magnitude than those in seawater,
and dominance of culturable bacteria is classically linked to seasonality and water temperature
(Motes et al. 1998, Cavallo et al. 2009, Zurel et al. 2011). More recent culture-independent work
has shown that although these genera are commonly present, they do not necessarily represent
the majority of the community (Romero et al. 2002, Winters et al. 2010, Wegner et al. 2013,
Trabal et al. 2014).
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Tissue and location-specific microbial communities have been identified in bivalves, as
in other organism (e.g., corals, humans). Parts of the digestive system tend to harbor the highest
concentrations of bacteria in the animal, the most notable areas being the stomach, gastric juices,
crystalline style, and digestive diverticula (Kueh and Chan 1985). Differences between stomach
and gut microbiomes have been observed in C. virginica, with the stomach having a lower
diversity of phyla present and a smaller core with few OTUs (King et al. 2012). Total bacterial
counts comparable to seawater have also been found in the gills, mantle fluid, and adductor
muscles of bivalves (Kueh and Chan 1985), potentially due to the mantle cavity being regularly
bathed in seawater during feeding, and passage of bacteria on their way to the gut. Using
fluorescence in situ hybridization (FISH), Hernández-Zárate & Olmos-Soto (2006) found that the
gills of oysters contained a higher diversity of types of bacteria than either digestive glands or
gonads. Oysters in the genus Chama demonstrated seasonal and species variation in their gill
communities, with Oceanospirillales and Gammaproteobacteria (γ) dominating samples (Zurel
et al. 2011). Pacific oysters, Crassostrea gigas, also had gill communities that were dominated
by Proteobacteria, but most OTUs belonged to the Alphaproteobacteria (α) class (Wegner et al.
2013). Healthy C. gigas hemolymph was dominated by Flavobacteria and α-, γ-, and
Epsilonproteobacteria (ε) (Lokmer & Wegner 2015).

Results from Next Generation Sequencing (NGS) initiatives have found that
Proteobacteria and Cyanobacteria are abundant members of bivalve gut communities,
regardless of host species (King et al. 2012, Trabal et al. 2014, Pierce & Ward in prep – Chapter
3). Cyanobacteria, however, are likely derived from the particle diet, and not long-term residents
of the gut community. In some individuals, Proteobacteria may account for >50% of the total
abundance (Trabal et al. 2014, Pierce & Ward in prep – Chapter 3). Within the Proteobacteria,
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α- and γ-Proteobacteria, are commonly abundant (Trabal et al. 2014, Pierce & Ward in prep –
Chapter 3). Other phyla identified in the gut of oysters and mussels include Bacteroidetes,
Actinobacteria, Firmicutes, Chlamydiae, Tenericutes, Fusobacteria, Spirochaetes, Chloroflexi,
Mollicutes, and Verrucomicrobia (King et al. 2012, Trabal et al. 2012, Trabal et al. 2014, Cleary
et al. 2015, Pierce & Ward in prep – Chapter 3). OTUs from the genus Mycpolasma are also
consistently found associated with bivalves, often in high abundances (King et al. 2012, Cleary
et al. 2015, Pierce & Ward in prep – Chapter 3).

C. Marine Aggregates & Associated Microbial Communities
Marine aggregates (marine snow, flocs, organic aggregates) are a natural collection of
living and nonliving material, which have agglomerated by way of physical, chemical, and
biological processes (Alldredge & Silver 1988, Hill 1998, Jackson 1990, Kiørboe 2002, Azam &
Malfatti 2007). These ubiquitous microhabitats provide an enriched nutrient environment and
substrate for microbes to utilize compared to the seawater around them (DeLong et al. 1993;
Lyons et al. 2010). Bacteria are also able to utilize the nutrient plumes resulting from sinking
aggregates, further implicating them as a favorable habitat for prokaryotes (Stocker et al. 2008).
As a result of this enriched environment, aggregates are hot spots for bacteria, containing unique
bacterial assemblages that differ from the surrounding seawater both in diversity and abundance
(Crump et al. 1999, DeLong et al. 1993, Azam & Long 2001, Kiørboe 2003, Kramer et al. 2013,
Vojvoda et al. 2014, Pierce et al. 2016). Enrichment factors on the order of 100 to 1000
compared to the surrounding seawater have been reported (Simon et al. 2002, Lyons et al. 2007,
Pierce & Ward in prep – Chapter 3). As such, enzyme activity and metabolism have been found
to be significantly higher for attached microbial communities than for free-living (unattached)
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communities (Azam & Malfatti 2007, Grossart et al. 2007, Lyons & Dobbs 2012). Additionally,
other microbes such as protozoans, prokaryotic and eukaryotic pathogens are all known to
colonize aggregates (Simon et al. 2002, Lyons et al. 2005, Lyons et al. 2007).

Aggregates act as a vehicle for microbes, allowing suspension-feeding bivalves to take up
cells they would otherwise not be able to capture efficiently (Kach & Ward 2008). Because the
capture and ingestion of particles is in part size dependent, with capture efficiency increasing
non-linearly with increasing particle size (Ward & Shumway 2004), the incorporation of
microbes into aggregates represents an additional source of both nutrients and pathogens to
bivalves. At particle sizes of 1-µm, the capture efficiency of the oyster C. virginica is only about
ten percent (Ward & Shumway 2004), creating an obstacle considering most free living aquatic
bacteria are between 0.2 to 2 µm in size. At an average size of 500 µm, marine aggregates are
readily captured at greater than ninety percent efficiency, and effectively increase both the
encounter and retention rates of picoplankton to oysters and other bivalves (Simon et al. 2002,
Kach & Ward 2008). Many of these bacteria are ingested and may be able to colonize and
proliferate once inside the bivalve.

Vibrios in particular are known for their preference for organic-rich environments (Tinta
et al. 2012), and live attached, particle-associated lifestyles, commonly with aggregates
(Vojvoda et al. 2014). Concentrations ranging from 6 x 104 – 2 x 105 CFUs per mL of aggregates
have been reported (Froelich et al. 2013), and non-specific vibrio concentrations have been
found at >106 CFUs per mL of aggregates (Lyons et al. 2010). Other bacterial groups associated
with

aggregates

include

the

Bacteroidetes,

Cyanobacteria,

and

Alpha-

and

Gammaproteobacteria (Vojvoda et al. 2014, Pierce & Ward in prep – Chapter 3). A diversity of
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other pathogens has been found within marine aggregates, including OTUs from the genera
Rickettsia, Staphylococcus, and Streptococcus (Pierce & Ward in prep – Chapter 3). Aggregates
have also been implicated as potential reservoirs and as vehicles in the transmission of Dermo
disease, caused by the protozoan parasite Perkinsus marinus (Allam et al. 2013).

As bivalves pass large quantities of water through their gills, they invariably capture
aggregates, and as a result, the dense microbial assembly within. This natural occurrence may act
as a vehicle for the enhanced uptake of bacteria by bivalves, a process that may impact
colonization and disease transmission. Focusing on interactions between aggregate-associated
microorganisms and bivalves may clarify how the particle diet influences resident bacterial
populations and ultimately affects the health of bivalves.

D. Physiology & Disease
In the human gut, as many as 100 trillion microbes containing over 1 million genes exist
(Turnbaugh et al. 2007). Gut bacteria are of particular interest because of their ability to
influence a variety of processes for their host, including nutrient absorption through enzyme
production, immune system development, and disease susceptibility (Guarner & Malagelada
2003, Rawls et al. 2004, Forberg et al. 2012, Dishaw et al. 2014a, De Schrver & Vadstein 2014).
As invertebrates, possessing only innate immunity, bivalves rely on humoral and cellular defense
via a variety of molecules and processes including antimicrobial peptides, lysozymes, lectins,
hemocytes (i.e., phagocytosis), apoptosis, and a respiratory burst resulting in the production of
reactive oxygen species (Chu 1988, Canesi et al. 2002, Goedken et al. 2005, Pruzzo et al. 2005,
Hughes et al .2010). The microbial communities that animals harbor may also provide protection
against pathogens, and changes in bacterial diversity and abundance have been linked to altered
11

health statuses for a range of hosts (e.g., mice - Turnbaugh et al. 2006, Ley et al. 2005; corals Frias-Lopez et al. 2002, Roder et al. 2014; shrimp – Rungrassamee et al. 2016).

Because the gut is considered a major disease transmission route of entry, a diverse,
established microbial community may protect the host from invading pathogens. Mechanisms of
protection by the resident bacteria could include the secretion of antimicrobials, production of
cell signaling molecules, the regulation of host genes, and the monopolization of resources (i.e.,
space and nutrients; also known as “colonization resistance”) (Freter et al. 1983a, Freter et al.
1983b, Cross 2002, Stecher & Hardt 2008, Kau et al. 2011, Forberg 2012). Disturbance of the
normal microbiota creates an opening for pathogens, in part, by making available formerly
occupied niches (Mondont et al. 2013, De Shryver & Vadstein 2014). In humans, antibiotic use,
and thus disturbance of the gut microbiome, has been linked to the development of Clostridium
difficile intestinal infection, Inflammatory Bowel Disease (IBD), and allergies, to name a few
(Levy 2001, Chang et al. 2008, Blaser 2011, see Ianiro et al. 2016 for review).

With respect to bivalves, a few studies have also made a connection between health and
microbial diversity. Pacific oysters (C. gigas) with hemolymph bacterial communities that were
healthy and more diverse were less susceptible to infection after stress, and thus mortality
(Lokmer & Wegner 2015). Sydney rock oysters, Saccostrea glomerata, infected with a
protozoan parasite, Marteilia sydneyi, were found to have significantly reduced bacterial
diversity in their gut compared to uninfected individuals (Green & Barnes 2010). It is unclear,
however, if reduced bacterial diversity is caused by, or a result of, disease in these organisms.

Bacteria in the gut of organisms aid in the digestion of food and thus the absorption of
nutrients by producing enzymes the host is not able to produce, or by increasing the abundance
12

of these enzymes overall (see reviews: Guarner & Malagelada 2003, Flint et al. 2008). In
bivalves, enzymes that may be produced by bacteria in the gut have been observed, including:
amylases, cellulases, proteases, and lysozymes (Shivokene et al. 1986, Seiderer et al. 1987,
Lawry 1987). Bivalves themselves may produce many of these same enzymes, in addition to
lipases and laminarases (Mathers 1973, Langdon & Newell 1996, Ibbarola et al. 1998,
Arambalza et al. 2010, Adeyemi & Deaton 2012, Sauey et al. 2015), but many studies have not
differentiated between those digestive enzymes produced by the host vs. those produced by the
microbiota. A few studies, however, have utilized antibiotics to differentiate between host and
microbe- produced enzymes in C. virginica, and have shown that oysters could produce
cellulases and chitinases (Newell & Langdon 1986, Mayasich & Smucker 1987). Further,
research on the pearl oyster, Pinctada fucata, has shown the presence of genes coding for
amylase and chitinase enzymes (Huang et al. 2016, Li et al. 2017). As with disease, a
disturbance in the gut microbiome has the potential to impact host enantiostasis with respect to
digestive enzymes. A reduction in the host’s nutrient absorption may result in a number of
downstream consequences such as alteration of the host’s physiological energetic budget –
impacting growth and reproduction.

E. Conclusions & Research Goals
The importance of the microbiome to host physiology and health has been shown in a
range of organisms, from invertebrates to vertebrates, and across diverse habitats. The complex
relationships between the environment, host, and maintenance of these microbial communities
have only begun to be elucidated in the past twenty years. Many of the mechanisms that mediate
prokaryote-host symbioses are unknown or unclear. Both extrinsic and intrinsic factors are likely
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at play, with no clear dominant influence. The potential for gut microbial communities to effect
bivalve digestive enantiostasis and pathogen accumulation are great. Thus, understanding the
natural spatial and temporal variation of these communities, the influence of the surrounding
seawater and aggregate-associated microbes, as well as the impact that disturbances in the
microbiome have on bivalve enantiostasis is imperative. Because of bivalves’ prominent roles in
the environment, implications may exist not only on the individual and population level, but also
for ecosystem functioning.

In light of these questions, several working hypotheses were developed, and are discussed
in the individual chapters, to address the following research goals:

1. Determine the distribution of oyster-associated microbial communities in space and time
in Long Island Sound.
2. Determine the relationship between several environmental factors and the genetic and
functional diversity of the oyster microbiome.
3. Compare temporally the genetic and functional diversity in the gut microbiome of eastern
oysters and blue mussels.
4. Compare temporally the genetic and functional diversity in the gut microbiome of
bivalves to that of marine aggregate-associated microbial communities.
5. Determine the effect that an antibiotic disturbance of the gut microbiome has on oyster
digestive enantiostasis.
6. Determine the effect that an antibiotic disturbance of the gut microbiome has on pathogen
accumulation in the oyster.
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F. Tables & Figures

Figure 1. The microbial communities of organisms include both resident and transient
microbiota. A number of factors affect both the functional and genetic diversity of these
communities, but for clarity only four are shown. Tissue-specific differences within the host
(e.g., gut vs. gill) are also possible. Figure adapted from Turnbaugh et al. 2007.
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Abstract
Biolog MicroPlatesTM (e.g., EcoPlateTM, MT2 MicroPlateTM, GN MicroPlateTM) are a
useful tool for characterizing microbial communities, providing community-level physiological
profiles to terrestrial and aquatic ecologists. The more recently designed Biolog EcoPlates TM
have been used frequently in aquatic ecology with success. However, this study cites one major
problem when using EcoPlatesTM to evaluate samples within an estuarine or seawater matrix.
The cation calcium interferes with the microplate chemistry, creating false positives. Results of
experiments in which multiple treatments of natural and artificial seawater were tested
demonstrate that calcium inhibits complete dissolution of the minimal growth medium in wells.
Future studies involving Biolog EcoPlatesTM and MicroPlatesTM should take this effect into
account, and the dilution of samples is strongly recommended to diminish the “calcium effect.”

Introduction
Biolog EcoPlatesTM (Biolog Inc., Hayward, California) are used for community-level
physiological profiling of a variety of environmental matrices. The 96-well microplate contains a
triplicate set of 31 carbon sources and a control well. Each well contains a minimal growth
medium and tetrazolium dye, which is reduced to formazan during bacterial respiration, resulting
in an insoluble violet color. Control wells account for background readings from the growth
medium, redox dye, and bacterial respiration of any dissolved carbon compound contained in the
environmental matrix. Initially used widely for soil microbial analysis (> 83% of papers
published prior to June 2001), Biolog MicroPlatesTM have since evolved and are now used with a
variety of different inoculums (Choi & Dobbs 1999; Preston-Mafham et al. 2002). Specifically,
their use in estuarine and ocean sciences has increased in recent years (Lyons et al. 2010; Sala et
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al. 2010; Gilbert et al. 2012; Mouchet et al. 2012). Because of their growing use, ensuring the
accuracy and validity of data gathered from EcoPlatesTM is essential. There are a number of
known problems with the method, most notably the problem of inoculum density and the
inability of some bacteria and all fungi to reduce the tetrazolium dye, resulting in an incomplete
picture of the microbial community (Preston-Mafham et al. 2002; Insam & Goberna 2004;
Weber & Legge 2010). The current study suggests another significant problem, false positives,
of which investigators must be aware to ensure accurate results and interpretation of data.

There have been previous observations (Samantha Bickel, Virginia Institute of Marine
Science,

personal

communication)

of

high

absorbance

readings

without

color

development. Noble & Gow (1998) also reported that “sea salts or solutions containing cations
such as Ca2+ are not recommended because some divalent cations may cause precipitation of the
redox agent.” The authors know of no previous studies, however, that have systematically
investigated whether divalent cations common to seawater may be associated with the
phenomenon.

The present study was motivated by high absorbance readings, without commensurate
color development, in EcoPlatesTM used to test marine environmental samples. For the purposes
of this paper, this phenomenon is hence forth described as “undissolved substrate” when in
reference to its appearance. To pinpoint the source of the false positives as well as elucidate the
exact response of the microplates, a series of experiments was designed using seawater and
freshwater treatments. All treatments were sterilized prior to inoculation to eliminate any effects
of respiration caused by heterotrophic bacteria.

Materials and Methods
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Seawater Treatments in Biolog EcoPlatesTM

Eight treatments of natural (NSW) and artificial (ASW) seawater were prepared to test
their reactions in Biolog EcoPlatesTM and evaluate their usefulness as diluents. The treatments
were: 1. autoclaved NSW (30 ppt), 2. sterile filtered NSW (30 ppt), 3. sterile filtered ASW
(+Ca/+Mg), 4. autoclaved NSW (15ppt), 5. sterile filtered ASW (+Ca/-Mg), 6. Phosphate
Buffered Saline (PBS), 7. sterile filtered ASW (–Ca/+Mg), and 8. sterile filtered ASW (–Ca/Mg). Artificial seawater treatments were prepared using recipes taken from The Marine
Biological Laboratory website (mbl.edu). Calcium and magnesium concentrations for each
treatment were either measured (Red Sea Aquariums) or calculated (Table 1). All sterile-filtered
treatments were done so using Stericups® (Millipore Corp.). Autoclaved treatments were first
filtered using a 0.22 µm nitrocellulose filter (Millipore Corp.) before sterilization at 121 °C for
20 minutes. Aliquots (150 µl) of each treatment were inoculated into the control wells of
EcoPlatesTM and read on a BioTek ELx808 microplate reader at a wavelength of 590 nm. Three
to four replicates, i.e., one to two plates, of each treatment were prepared. All plates were
inoculated inside a clean laminar flow hood (BioSafety Cabinet). Optical density was determined
at the time of inoculation (time = 0 h) and every 24 hours for up to seven days. Plates were dark
incubated at 23 °C between readings. Microscopic observations of control wells were made after
seven days.
Addition of Salts – Ca2+ & Mg2+

Salts in the form of calcium chloride, magnesium chloride, and magnesium sulfate were
added to pond water to further test the role of calcium and magnesium in the production of false
positives. Water was collected from a freshwater pond located near the University of
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Connecticut, Avery Point campus in Groton, CT. Salt additions were based on same volume
amounts for artificial seawater taken from recipes on mbl.edu. Three treatments were prepared:
1. pond water plus calcium (PW+Ca), 2. pond water plus magnesium (PW+Mg), and 3. pond
water with no salt additions (PW). All treatments were sterile filtered using Stericups® (Millipore
Corp.), and aliquots (150 µl) of each were inoculated into control wells of Biolog EcoPlates TM.
Plates were processed, read, and incubated as described in section 2.1.
Seawater Treatments in Biolog MT2 MicoPlatesTM
EcoPlateTM experiments were repeated in Biolog MT2 MicroPlatesTM to obtain a larger
sample size for statistical analysis. MT2 MicroPlatesTM provide a minimal growth medium and
tetrazolium dye, but no carbon substrate in each of the 96 wells. Each of the MT2 MicroPlate
wells is essentially the same as an EcoPlateTM control well, providing 96 replicates per plate
instead of three. Eight treatments of natural and artificial seawater were prepared, as described in
section 2.1. Plates were processed, read, and incubated as previously described in section 2.1.
Twenty-four to forty-eight replicates (wells) of each treatment were plated. All treatments were
tested for pH (Accumet B15Plus) and salinity (Fisher Scientific Handheld Salinity
Refractometer). Microscopic observations of plate wells were made after seven days.

Microplate Data Analysis
Both EcoPlatesTM and MT2 MicroPlatesTM were analyzed using the Gen 5 software
package in conjunction with a BioTek ELx808 microplate reader. A general linear model (GLM)
was used for statistical analysis (Systat13). Data were tested for normality and homogeneity of
variance prior to statistical analysis. Data were found to be normal but not homoscedastic and
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transformations failed to improve homoscedasticity, so no transformations were applied. Twoway, Repeated Measures Analysis of Variance (ANOVAR) was used to examine the effects of
treatment and time on readings from EcoPlateTM control wells. Only five days of data were used
given missing values for some treatments. Due to the non-homoscedastic nature of the data,
Greenhouse-Geiser and Huynh-Feldt epsilons were examined and in all cases adjusted p-values
were used. Two-way ANOVAR was also used to examine the effects of treatment and time on
readings from MT2 MicroPlatesTM using all seven days of data. If there was a significant
interaction effect, a one-way ANOVAR was run to evaluate the effects of time on absorbance
readings for each treatment. To better demonstrate differences between treatments, readings from
EcoPlateTM control wells and MT2 MicroPlateTM wells for each treatment were averaged across
days one through five and compared using a one-way ANOVA followed by Tukey’s HonestlySignificant-Difference post hoc test. In the case of treatment means, a square root transformation
was applied to improve homogeneity of variance and normality.

Results
In both the EcoPlateTM and MT2 MicroplateTM trials, treatments sorted into three groups
(see below) and absorbance decreased after day four (Figure 1). Results of the two-way
ANOVARs revealed both treatment and time effects for the EcoPlates TM (Table 2a), but no
interaction effects. The MT2 MicroPlatesTM also showed treatment and time effects, as well as a
significant interaction effect (Table 2b). One-way ANOVAR results from MT2 MicroPlateTM
showed a significant effect (p < 0.05) of time on all treatments except PBS and ASW (+Ca/-Mg).
For the EcoPlateTM trials, treatment means partitioned into three distinct, statistically
different (p < 0.05, 1-way ANOVA) groups (Figure 2a). The first group, high absorbance,
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comprised treatments containing calcium at concentrations equivalent to coastal seawater. The
second group, intermediate absorbance, consisted of treatments having cation concentrations
approximately half those of the previous group. The third group, low absorbance, contained
calcium free treatments, and exhibited the least variation, with standard deviations (Table 3a) as
much as a factor of ten lower than the other two groups. All calcium free treatments have control
well absorbance values similar to phosphate buffered saline. For the MT2 MicroPlateTM trials,
treatment means exhibited this same grouping, a similar significance between groups, and range
of variation, but were reduced in number as the three pond water treatments were not tested
(Figure 2b; Table 3b). Sterile filtered natural and artificial seawater treatments had pH readings
between 7.8 and 7.9. Autoclaved treatments were higher, between 8.5 and 8.7, and PBS was 7.2.
In contrast to the EcoPlateTM results, the intermediate group of the MT2 MicroPlatesTM contained
two treatments which were significantly different from one another (p > 0.05, Tukey’s multiple
comparison test; Figure 2b), but all other significances were the same. For both types of
microplates, method of sterilization had no influence on results (p > 0.05, Tukey’s multiple
comparison test; Figure 2).

When observed using microscopy, control wells containing treatments with calcium (e.g.,
ASW +Ca/-Mg) had visible fragments of undissolved substrate (Figure 3a). Treatments without
calcium (e.g., ASW –Ca/-Mg) had no such visible fragments (Figure 3b).

Discussion
Experiments were designed to determine the cause of spurious control well absorbance
readings and evaluate the usefulness of different solutions as diluents for marine environmental
samples. Treatments which included calcium salt yielded significantly elevated optical density
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readings compared to those lacking calcium (Figure 2). The time effect was likely caused by the
partial dissolution of the substrate fragment after about four days, at which point absorbance
values began to drop. Magnesium, another divalent cation abundant in seawater, may play a role
in elevated absorbance values as well. Although all treatments without calcium did not elicit a
significant response, when magnesium was removed but calcium was still present the absorbance
reading was minimized. Magnesium may elevate absorbance readings when combined with
calcium, causing higher optical densities than calcium alone. Magnesium, however, does not
produce a response of its own.

The results point to calcium as a principal factor in false positive readings, specifically its
interaction with the minimal growth medium and redox dye present in all Biolog EcoPlate TM and
MT2 MicroPlateTM wells. When contacted about this issue, Biolog representatives reported that
“…calcium or metal ions precipitating with phosphate buffer could cause cloudiness” (Jeff
Carlson, Biolog Inc., personal communication). Other divalent cations as well as ion
complexation with organic matter (e.g., DOM) may play a role in high readings, and the
mechanisms are not completely elucidated here. For example, artificial seawater treatments
containing calcium in combination with magnesium elicited a higher absorbance value response
than artificial seawater treatments with calcium alone. Calcium salt addition to pond water,
however, had absorbance values equal to those treatments which contained both calcium and
magnesium.

Microscopy observations provide further evidence that the calcium in a solution interacts
with the minimal growth medium. The undissolved substrate was present only in treatments
containing calcium, indicating it as accountable for the false positives. The presence of this
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undissolved substrate caused erroneously high readings as well as increased variability in
measurements.

Issues with this calcium effect may not be confined to samples from marine and estuarine
waters. In hardwater environments, i.e., freshwater having high concentrations of calcium and
magnesium ions, the effect may manifest as well. In an overview encompassing the entire
United States, Briggs & Ficke (1977) reported many rivers having hardness concentrations of
200 to > 1100 mg/L (as CaCO3). At the upper end, these values exceed calcium concentrations
of full-strength seawater, although this statement is simplistic, given the contributions to
hardness by magnesium and other polyvalent ions. It will be interesting, nonetheless, to
ascertain whether complications inherent in EcoPlateTM analysis of saltwater samples are
encountered in hardwater samples as well.

Conclusions
This work shows the necessity of limiting calcium in solution when using environmental
samples with Biolog EcoPlatesTM if accurate results are to be obtained, as calcium has been
demonstrated to cause false positives under the conditions used in this study. When using these
microplates, the authors recommend first testing the calcium concentration of a sample and then
diluting it accordingly (e.g., Table 1). Phosphate buffered saline is suggested as a diluent.
Dilution must be sample dependent to ensure that bacterial diversity is not lost. Some bacterial
diversity will be lost when diluting, a tradeoff for minimizing false positives. Konopka et al.
(1998) provides further information on the problem of cell densities. Preliminary testing to
ensure the highest level of diversity is maintained is strongly encouraged, by diluting samples at
various concentrations and checking the calcium level. A visual check of the microplate is also
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suggested to make sure that high absorbance values correspond with the degree of violet color on
the plate.

The authors also recommend that the most reliable readings are obtained when using a
microplate reader with a narrow beam due to the small diameter of EcoPlateTM wells. The use of
“any microplate reader” as previously suggested (Preston-Mafham et al. 2002; Weber & Legge
2010; Jeff Carlson, Biolog Inc., personal communication) will result in less accurate readings
due to the diameter of the light beam being larger than the wells.

The lack of spuriously high readings in lower salinity river or estuarine water (i.e., less
calcium and magnesium) may explain why results were not previously reported in other papers
using EcoPlatesTM. As Biolog MicroPlatesTM have been widely used for analysis of soil
microbial communities, the “calcium effect” may not have been a factor. The findings presented
here are significant because they will inform future marine, estuarine, and hardwater freshwater
research projects that wish to use the Biolog MicroPlateTM method.
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Tables & Figures

Figure 1. Absorbance readings (590nm) for EcoPlateTM control wells (a) and MT2 MicroPlateTM
wells (b). Treatments fall into three groups; high, intermediate, and low absorbance. For clarity,
standard deviations are not shown and are provided in table 3. NSW = Natural Seawater, ASW =
Artificial Seawater, PW = Pond Water, Ca = Calcium, Mg = Magnesium, Auto = Autoclaved, SF
= Sterile Filtered, and PBS = Phosphate Buffered Saline. Salinity values are indicated where
pertinent.
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Figure 2. Mean absorbance values (590 nm) for days 1 to 5 from all treatments in EcoPlateTM
control wells (n = 4) (a) and MT2 MicroPlatesTM (n = 24 - 48) (b). Error bars denote ± 1 standard
deviation. Treatments with different letters are significantly different at p < 0.05 (Tukey’s HSD).
N/D = No data. NSW = Natural Seawater, ASW = Artificial Seawater, PW = Pond Water, Ca =
Calcium, Mg = Magnesium, Auto = Autoclaved, SF = Sterile Filtered, and PBS = Phosphate
Buffered Saline. Salinity values are indicated where pertinent.
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Figure 3. EcoPlateTM control wells with ASW (+Ca/-Mg) (a) and ASW (-Ca/-Mg) (b) at a
magnification of 4X. Notice that the calcium treatment (a) has undissolved substrate present in
the well while the calcium free treatment (b) does not.
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Table 1. Measured and calculated values of calcium (Ca2+) and magnesium (Mg2+) for all
seawater and pond water treatments. Values from the literature are indicated first. NSW =
Natural Seawater, ASW = Artificial Seawater, PW = Pond Water, Auto = Autoclaved, Filt =
Sterile Filtered, and PBS = Phosphate Buffered Saline. Salinity values are indicated where
pertinent.

Treatment

Ca2+ (ppm)

Mg2+ (ppm)

Natural Seawater

412*

1280*

Pond Water

<30**

<20**

Auto NSW (30)

395-415

1185-1245***

Filt NSW (30)

405-435

1215-1305***

ASW (+Ca/+Mg)

400-420

1178***

PW+Ca

370***

-

Auto NSW (15)

185-200

555-600***

ASW (+Ca/-Mg)

440

0

PBS

0

0

ASW (-Ca/+Mg)

0

1178***

ASW (-Ca/-Mg)

0

0

PW

-

-

PW+Mg

-

1178***

*Literature values. Taken from Millero (2003).
**Literature values. Taken from Frink and Norvell (1984).
***Calculated.
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Table 2. Results of 2-way ANOVAR from EcoPlates (a). Data were truncated to day 5 due to
missing values. G-G: Adjusted for Greenhouse-Gieser epsilon (= 0.533). H-F: Adjusted for
Huynh-Feldt epsilon (= 0.795). and MT2 Plates (b). G-G: Adjusted for Greenhouse-Gieser
epsilon (= 0.247). H-F: Adjusted for Huynh-Feldt epsilon (= 0.256).

(a) 2-way ANOVAR
Source

df
Corrected p

MS

F

p

Between Subjects
Treatments

10

3.447

Error

27

0.049

4

0.0132

70.966

0.000

Within Subjects
Day

5.062

0.009

Day × Treatments
Error

0.0082(G-G)
/0.0023(H-F)

40

0.0036

1.372

0.102

0.1708(G-G)
/0.1269(H-F)

108

0.0026
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(b) 2-way ANOVAR
Source
df
Corrected p
Between Subjects
Treatments

7

36.67

Error

232

0.103

6

0.1452

MS

F

355.9

p

0.000

Within Subjects
Day

20.94

0.000

Day × Treatments
Error

0.000(G-G)
/0.000(H-F)

42

0.036 9

5.325

0.000

0.000(G-G)
/0.000(H-F)

1,392

0.0069

40

Table 3. Standard deviations (1 SD) and coefficients of variation (in parentheses) of absorbance
readings for treatments over time from EcoPlateTM control wells (a) and MT2 MicroPlateTM
wells (b). Shadings indicate the three groups of treatments: high, intermediate, and low
absorbance. N/D = No data. See Figure 1 for means associated with these standard deviations.

(a)

Treatment

Day 0

Day 1

Day 2

Day 3

Day 4

Day 5

Day 6

Day 7

Auto NSW (30)

0.151
(0.489)

0.101
(0.092)

0.081
(0.068)

0.075
(0.064)

0.067
(0.059)

0.145
(0.140)

0.312
(0.354)

0.411
(0.543)

Filt NSW (30)

0.107
(0.385)

0.102
(0.103)

0.137
(0.137)

0.148
(0.148)

0.143
(0.150)

0.124
(0.456)

0.306
(0.431)

0.408
(0.653)

ASW (+Ca/+Mg)

0.124
(0.321)

0.033
(0.031)

0.022
(0.020)

0.028
(0.026)

0.012
(0.011)

0.015
(0.014)

0.081
(0.080)

0.253
(0.270)

PW+Ca

0.095
(0.211)

0.167
(0.176)

0.243
(0.245)

0.280
(0.288)

0.281
(0.296)

0.260
(0.280)

0.295
(0.320)

0.249
(0.278)

Auto NSW (15)

0.039
(0.457)

0.057
(0.138)

0.162
(0.372)

0.133
(0.314)

0.124
(0.269)

0.134
(0.307)

0.131
(0.304)

0.155
(0.371)

ASW (+Ca/-Mg)

0.063
(0.321)

0.128
(0.344)

0.153
(0.411)

0.183
(0.451)

0.198
(0.519)

0.184
(0.470)

0.180
(0.483)

0.197
(0.580)

PBS

0.008
(0.103)

0.017
(0.129)

0.024
(0.225)

0.034
(0.297)

0.039
(0.358)

0.028
(0.381)

0.028
(0.364)

0.026
(0.272)

ASW (-Ca/+Mg)

0.058
(0.497)

0.033
(0.431)

0.019
(0.244)

0.013
(0.175)

0.016
(0.211)

0.014
(0.199)

0.003
(0.040)

0.010
(0.117)

ASW (-Ca/-Mg)

0.015
(0.191)

0.020
(0.205)

0.015
(0.161)

0.010
(0.111)

0.002
(0.025)

0.002
(0.027)

0.003
(0.042)

0.011
(0.114)

PW

0.016
(0.153)

0.009
(0.085)

0.010
(0.109)

0.006
(0.063)

0.007
(0.080)

0.011
(0.137)

0.014
(0.202)

0.012
(0.169)

PW+Mg

0.032
(0.278)

0.016
(0.158)

0.028
(0.274)

0.021
(0.218)

0.011
(0.118)

0.005
(0.072)

0.003
(0.032)

0.013
(0.148)
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(b)

Treatment

Day 0

Day 1

Day 2

Day 3

Day 4

Day 5

Day 6

Day 7

Auto NSW (30)

0.056
(0.245)

0.136
(0.124)

0.174
(0.158)

0.195
(0.181)

0.283
(0.276)

0.304
(0.291)

0.334
(0.340)

0.355
(0.368)

Filt NSW (30)

0.041
(0.255)

0.059
(0.052)

0.062
(0.055)

0.054
(0.048)

0.096
(0.085)

0.199
(0.190)

0.346
(0.354)

0.417
(0.452)

ASW (+Ca/+Mg)

0.029
(0.199)

0.141
(0.139)

0.093
(0.090)

0.081
(0.078)

0.095
(0.092)

0.161
(0.160)

0.261
(0.282)

0.315
(0.351)

PW+Ca

N/D

N/D

N/D

N/D

N/D

N/D

N/D

N/D

Auto NSW (15)

0.026
(0.195)

0.116
(0.234)

0.126
(0.232)

0.138
(0.252)

0.151
(0.282)

0.139
(0.230)

0.173
(0.336)

0.192
(0.381)

ASW (+Ca/-Mg)

0.055
(0.502)

0.120
(0.349)

0.124
(0.350)

0.115
(0.327)

0.115
(0.328)

0.112
(0.311)

0.113
(0.317)

0.117
(0.339)

PBS

0.021
(1.087)

0.029
(0.264)

0.019
(0.185)

0.016
(0.159)

0.016
(0.156)

0.017
(0.171)

0.018
(0.183)

0.019
(0.172)

ASW (-Ca/+Mg)

0.013
(0.684)

0.017
(0.216)

0.015
(0.200)

0.017
(0.216)

0.018
(0.219)

0.019
(0.222)

0.019
(0.223)

0.030
(0.313)

ASW (-Ca/-Mg)

0.040
(1.244)

0.031
(0.255)

0.030
(0.265)

0.033
(0.288)

0.029
(0.266)

0.031
(0.268)

0.032
(0.283)

0.030
(0.295)

PW

N/D

N/D

N/D

N/D

N/D

N/D

N/D

N/D

PW+Mg

N/D

N/D

N/D

N/D

N/D

N/D

N/D

N/D
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Abstract
The microbial communities and overall health of the eastern oyster, Crassostrea
virginica, have long been topics of interest due to the fundamental economic and ecological roles
this species maintains. A broad scale characterization of the oyster microbiome over spatial and
seasonal scales, however, has never been carried out. The primary goal of this study was to
examine factors mediating microbial communities of the gut and pallial fluid of C. virginica at
three sites within the Long Island Sound estuary, with a focus on both genetic structure (TRFLP) and physiological profiling (EcoPlates) of the microbiome. Results indicated that the
genetic structure of microbial communities of oysters were minimally separated across sites, but
were influenced by season. Although the microbial community structure was similar, the number
of carbon sources utilized by these communities (richness) varied across site, season and
anatomical location within the host. Parameters including oyster condition index, Dermo disease,
and ambient water temperature were measured to assess their influence on the oyster
microbiome. Only water temperature was found to have a significant relationship with microbial
community structure and richness. Results indicate that a core microbiome may exist within the
eastern oyster, specifically for those populations that are not genetically distinct.

Introduction
Over two decades ago, Harris (1993) synthesized the current knowledge of the presence
and role of gut microbiota of aquatic invertebrates. The research summarized by Harris (1993),
and results of more recent work, have demonstrated that many marine invertebrates maintain
core microbial communities that differ from those of the environment. Examples include
crustaceans (Schwarz et al. 1976, Colorni 1985, Harris 1991), polychaetes (Duchene et al. 1988),
45

echinoderms (Unkles 1977, Deming et al. 1981), sponges (Fan et al. 2012), corals (Ravindran et
al. 2013), and tunicates (Dishaw et al. 2014a). More specifically, research on corals indicates
that the microbial communities among colonies of the same species are conserved, even when
separated by distance (Rohwer et al. 2002). Additional work has shown more definitive
differences among healthy, diseased, and dead coral microbiomes, which are defined by health
status regardless of species or geography (Frias-Lopez et al. 2002, Roder et al. 2014). Studies on
basal marine filter-feeding animals provide insight into the potential complexities and
importance of the microbiome of higher marine animals, and have been the impetus for recent
studies on bivalve molluscs.

As suspension feeders, bivalves interact significantly with living and non-living particles
in the seston, including bacteria, as they filter large quantities of water per unit time (e.g., 3-9
L/hr/g dry mass; Newell et al. 2005). As a result, on average, bacterial concentrations in bivalves
are higher by an order of magnitude compared to those in seawater (Colwell & Liston 1960,
Cavallo et al. 2009). An extensive number of bacteriological studies have been carried out on
oysters dating back to the early 1900’s (Round 1914, Murchelano & Brown 1968, Kueh & Chan
1985). Although bacterial community composition varies, a few genera in particular are
commonly isolated from oysters, including Pseudomonas, Flavobacterium/Cytophaga,
Alteromonas, and Vibrio, with Pseudomonas and Vibrio comprising the most prevalent groups
(Colwell & Liston 1960, Colwell & Sparks 1967, Olafsen et al. 1993, Pujalte et al. 1999).
Dominance of bacterial genera in oysters is classically linked to season and water temperature,
with concentrations and diversity of bacteria increasing in the warmer months and declining in
colder months (Motes et al. 1998, Pujalte et al. 1999, Zurel et al. 2011). Studies utilizing
molecular rather than classical culture-based microbiological methods have also been conducted
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(Hernández-Zárate & Olmos-Soto 2006, Lokmer & Wegner 2015). Results of this research
indicate that although many of the above genera are common components of the microbiota of
oysters, they are less dominant than results of culture-dependent studies have indicated (King et
al. 2012, Trabal et al. 2014). For example, bacteria from the genera Burkholderia and
Escherichia/Shigella can be predominant members of the bacterial community of several oyster
species (C. corteziensis, C. gigas, C. sikamea; Trabal et al. 2012, Trabal et al. 2014), and
Staphylococcus spp. can be dominant in the Chilean oyster Tiostrea chilensis (Romero et al.
2002). The work of La Valley et al. (2009) also demonstrate that the results of culture-dependent
versus culture-independent techniques can lead to different bacterial community profiles of the
oyster, Crassostrea virginica (Gmelin, 1791).

The above research demonstrates the complexity in characterizing the microbiome of one
group of bivalves. In addition to the different methodologies used by various studies, other
factors make understanding the dynamics of the microbial community, and comparing its
structure within and between oyster species difficult. Most studies, for example, did not target
specific tissues and focused on known pathogens (DePaola et al. 1990, Ristori et al. 2007),
leading to an incomplete picture of the microbial community. Also lacking is information
regarding the community metabolism, or physiological profiling of the microbiome. Even less
information is available regarding extrinsic and intrinsic factors that may influence the
community structure of oyster microbiomes. Overall, studies evaluating the microbial ecology of
oysters are limited, leading to a poor understanding of the dynamics of the microbial
communities they harbor.
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Characterizing the microbiome is an important part of understanding the dynamics of
overall host health. Studies have shown a number of relationships between the microbial
communities that organisms harbor and host physiological functions such as digestion, nutrient
absorption, immune response, and disease susceptibility (Crosby et al. 1990, Rawls et al. 2004,
Ley et al. 2005, Turnbaugh et al. 2007, Douglas et al. 2011, Kau et al. 2011, Dishaw et al.
2014b). With the United States oyster fishery valued at more than $196 million annually (NMFS
2015), understanding the basic genetic and functional variability of the microbiome is a valuable
and important first step for future studies that investigate how microbial communities affect the
physiology and health of oysters.

This study examined specific host-bacterial interactions at a finer scale than previous
work by targeting microbial communities in distinct anatomical locations (i.e., gut and pallial
cavity) within the eastern oyster, C. virginica. Changes in these communities were quantified
seasonally at three sites in Long Island Sound. Environmental factors, including salinity, water
quality, level of coastal development, and shellfishing status (i.e., open or closed to shellfishing),
were different at each site. Given these differences, we hypothesized that 1) the microbiota of the
pallial fluid would be more variable than that of the gut as a result of the suspension-feeding
activities of oysters which involves pumping seawater and associated microbes through the
pallial cavity; 2) differences in the microbiome between individual oysters within a site would be
less than differences between sites; and 3) seasonal trends in the structure of the microbial
communities would be evident and be similar among sites. The influence of factors such as
disease, temperature, and host condition on the oyster microbiome were also explored in this
work.
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Materials and Methods
Collection of samples

Oysters were collected from three sites within the Long Island Sound (LIS) estuary
between June 2011 and May 2012 (Figure 1). The sites located in eastern LIS were The Noank
Aquaculture Cooperative in Noank, CT (NO), and the University of Connecticut Avery Point
campus in Groton, CT (AP). The NO site is a commercial shellfishing operation (approved for
shellfishing), while the AP site is restricted (closed) to shellfishing. Oysters at the AP and NO
sites were held in baskets above the bottom. AP oysters were originally transplanted from the
NO site three months prior to the start of the experiment. Transplantation allowed for the specific
evaluation of the importance of location in determining the oyster microbiome. The site located
in western LIS was an oyster bed operated by Norm Bloom and Son in Norwalk, CT (NW). The
NW oyster bed was located near a waste water treatment facility and an oil-fired power plant, but
the area is approved for shellfishing. Eastern LIS maintains a better water quality index,
increased tidal flushing, and more saline waters compared to western LIS. Western LIS is
influenced by the Hudson River estuary and is characterized by stratification induced hypoxia
due to high freshwater inputs and high anthropogenic impacts due to its proximity to New York
City. The planktotrophic larvae of C. virginica feed and grow over a period of 2 to 3 weeks,
setting on the bottom and undergoing metamorphosis to early juveniles after completion of the
larval stage (e.g., Kennedy 1996). This larval period allows for considerable gene flow along the
Atlantic coast (Gaffney 1996), and in particular within Long Island Sound (Hedgecock et al.
1994). As a result, populations of C. virginica at the three study sites were assumed to be
genetically similar.
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A total of nine oysters were collected from each site every six to seven weeks and
processed the same day. In all, oysters were sampled during eight different months, including:
June (’11), July (’11), September (’11), November (’11), January (’12), February (’12), April
(’12), and May (’12), for a total of seventy-two oysters per site. Oysters were held in coolers
(<10°C) during transport from each site to the laboratory. During each sampling month, all three
sites were sampled within a one-week period. Water salinity, temperature, and pH were
measured directly above the oysters during each sampling event by means of a multifunction
meter (YSI Inc., Yellow Springs, OH), and temperature loggers (Gemini Data Loggers Ltd., UK)
were placed at each site for the duration of the study.

Preparation of samples

All oysters were prepared using aseptic technique following the procedures outlined by
Greenberg & Hunt (1985). A notch was cut in the posterior edge of the shell of each oyster near
the exhalent aperture, and then opened via the notch using a shucking knife. Oysters were not
shucked through the hinge to avoid potential contamination by bacteria located there. Pallial
fluid was drained and collected in a beaker after oysters were opened. Three samples of gut
tissue (includes the digestive gland and stomach) were removed using a biopsy punch (3.5 mm;
HealthLink Inc., Jacksonville, FL), pooled, and ground using both a Tissue Tearor and a manual
grinder. Gut samples were then diluted with 30 ml of phosphate buffered saline (PBS) and the
pallial fluid was diluted 1:4 with PBS after manual grinding. Sections of the mantle tissue and
rectum were removed from oysters to assess the prevalence and intensity of Perkinsus marinus
(Dermo disease) by means of Ray’s Fluid Thioglycollate Medium (RFTM) Assay (see below).
Oysters were labeled and frozen for future assessment of condition index.
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Community-Level Physiological Profiling (Biolog EcoPlatesTM)

The Biolog Ecoplate is a 96-well plate containing a triplicate series of 31 unique carbon
sources (ten carbohydrates, nine carboxylic acids, four polymers, six amino acids, and two
amines/amines) plus a control well (with no substrate). Each well additionally contains a
tetrazolium violet dye which is activated in the presence of microbial respiration. The utilization
of a carbon source is evaluated by comparing the optical density of each well to a threshold value
(0.25). These microplates assess microbial community functional diversity, defined as the
potential catabolic activity, by evaluating the number (substrate richness; S) and pattern of
carbon source utilization by the community (Zak et al. 1994). Although the plates only assess
one microbial function (carbon metabolism), the term functional diversity is used with the
intended above definition, as is common place in the literature regarding this method (Sala et al.
2006, Stefanowicz et al. 2008, Lyons et al. 2010).

Aliquots (150 µl) of gut and pallial fluid samples were inoculated into Biolog EcoPlate
wells and read on a BioTek ELx808 microplate reader at 590 nm using the program Gen5.
Dilutions of samples prior to inoculation were prepared as indicated above to minimize the false
positive effects of divalent cations while maximizing microbial community diversity (Pierce et
al. 2014). All plates were inoculated inside a clean biological safety cabinet. Optical density was
determined at the time of inoculation (time = 0 h) and every 24 h for five days (time = 120 h).
Plates were incubated in the dark at 21 °C between readings.

Optical-density readings of all plates were corrected for control values and initial (0 h)
values. This was achieved for each well by subtracting the initial (0 h) reading from the final
(120 h) reading followed by subtracting the control well absorbance to correct for any inherent
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color change from carbon sources in the inoculum (Insam & Goberna 2004). Calculations of
richness (S), the number of substrates utilized by the microbial community of the sample, were
determined after optical density values were compared to a threshold value of >0.25 in order for
the carbon source to be considered utilized (Zak et al. 1994, Lyons et al. 2010). All plates were
visually checked to ensure that high optical density values correlated with a violet color.

Terminal-Restriction Fragment Polymorphism (T-RFLP): Analysis of Microbial Community
Structure

Frozen subsamples of oyster gut tissue and pallial fluid from July, September, January,
and April were used for the molecular characterization of whole microbial communities using
Terminal-Restriction Fragment Length Polymorphism (T-RFLP) analysis (Moeseneder et al.
1999). Microbial DNA was extracted after concentrating 5 mL of each dilute oyster gut sample
onto membrane filters (Durapore; 0.22 µm pore) or directly from 300 µl oyster pallial fluid
samples using a PowerSoil DNA Isolation kit (MoBio Laboratories Inc., Carlsbad, CA)
following the manufacturer’s protocol. DNA from all samples was frozen (-80 °C) until used for
T-RFLP analysis.

PCR amplification of the bacterial 16S rRNA gene (200 µM of each dNTP (dATP,
dCTP, dGTP, and dTTP), 10 mM Tris-HCL (pH 9.0 at room temperature), 50 mM KCl, 1.5 mM
MgCl2, 2.5 units of puReTaq DNA polymerase) was performed using a 6-FAM fluorescent
labeled 27 forward primer (27F; 5’-AGA GTT TGA TCC TGG CTC AG-3’) and a 1492 reverse
(1492R; 5’-GGT TAC CTT GTT ACG ACT T-3’) primers (Lane 1991). IllustraTM PuReTaq
Ready-To-Go PCR beads (GE Healthcare, Piscataway, NJ) were used for PCR reactions (25 µL
total volume) according to the manufacturer’s instructions. PCR amplifications were conducted
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in a BioRad DNA Engine Peltier Thermal Cycler using initial denaturation at 94 °C for 3 min,
followed by 25 amplification cycles: 94 °C denaturation for 30 sec, 56 °C annealing for 30 sec,
and 72 °C extension for 90 sec. A final 10 minute extension at 72 °C ended the amplification
protocol. PCR products were examined on a 1.5% agarose gel and cleaned using an Ultraclean
PCR Clean-up DNA Purification kit (MoBio Laboratories Inc., Carlsbad, CA).

T-RFLP analysis followed the protocol of Liu et al. (1997). PCR products were digested
using the restriction enzyme MspI (Promega, Madison, WI) at 37 °C for 3 hours and then
enzyme activity was deactived by heating at 65 °C for 10 min. Digested PCR products were
precipitated with ethanol (-80 °C overnight), dried, redissolved in nuclease-free water, and then
transferred to a DNase-free 96-well plate. A molecular weight standard (MapMarker® 1000)
was added to all digested PCR products, which were then sent to the BioMedical Genomics
Center (BMGC) of University of Minnesota for separation and detection of the fluorescentlylabelled terminal-restriction fragments (T-RFs) by capillary electrophoresis using an ABI PRISM
3730xl DNA Analyzer.

Composition (Fluorescence in situ hybridization)

Gut and pallial fluid (2 mL) samples from each oyster were vacuum filtered onto 0.22 µm
polycarbonate filters (Millipore Corp., Billerica, MA) and fixed with a 4% paraformaldehyde
and PBS solution (Pernthaler et al. 2001). Filters were allowed to air dry and then frozen at -20
°C until analyzed. For analysis, filters were cut into pie-shaped sections using a rotary blade and
a template machined to produce equal sized pieces, to allow the use of multiple HPLC-purified
oligonucleotide probes for each sample. Because variability between filter sections was low, and
sections were of equal size, results were reported as cells mL-1. The Cy-3 fluorescently labeled
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probes targeted the domain Bacteria (EUB338 I,II, and III; Daims et al. 1999) for total bacteria
counts, Bacteroidetes (CF319a; Manz et al. 1996), Pseudomonas Group I (Pseudo120; Saha et
al. 2012), and a negative control for non-specific hybridization (NONEUB338) (Table 1).
Details on oligonucleotide probes are available at probeBase (Loy et al. 2007). The suite of
EUB338 probes were used in place of DAPI as a result of interference from the natural
fluorescence of oyster tissue fluorescence which made the DAPI stained cells uncountable. The
hybridization protocol outlined by Pernthaler et al. (2001) was followed, with formamide
concentrations of 35% (EUB338 I-III, CF319a) and 30% (Pseudo120).

Filter sections were observed on an Olympus BX51 epifluorescence microscope with a
filter cube configuration (U-MSWG; BP480-550/DM570/BA590). Ten to 20 representative areas
of each filter section were selected, and the bacteria within the ocular grid counted. Counts from
the grids were summed, and then multiplied by the total grid area on each filter section. The
resulting number was then used to calculate the concentration of cells per mL and per whole gut
or pallial fluid sample. Results were then averaged to calculate values for each sample type by
site, within a month. Abundance data from individual probes were calculated as a percent of total
using the general bacteria probes EUB338 I, II & III.

Oyster Disease Status

All oysters were screened for Perkinsus marinus, the protozoan parasite responsible for
Dermo disease. Tissue samples of the rectum and the mantle adjacent to the labial palps (i.e.,
principal pseudofeces discharge area) were aseptically removed from each oyster and placed into
5 mL of Ray’s Fluid Thioglycollate Medium. Samples were dark incubated at room temperature
for 5 to 7 days, during which time P. marinus trophozoites in the tissue formed hypnospores.
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Tissues were then macerated with a razor blade and placed on slides with dilute Lugol’s iodine,
to stain the walls of the hypnospores. Level of infection intensity (0 - 5) was determined by
microscopy and based on the Mackin Scale (Ray 1966) as well as overall prevalence of Dermo in
all samples.

Concentration of cultural vibrios (TCBS)

To enumerate bacteria of the genus Vibrio, including potential pathogens V.
parahymeliticus and V. vulnificus, Thiosulfate-Citrate-Bile Salts-Sucrose (TCBS) agar plates
were used. One hundred-µl each of gut and pallial fluid samples from each oyster were
individually spread onto TCBS plates and incubated overnight at 35 °C. Using a colony counter
(Quebec® Reichert, Inc.), colony forming units (CFUs) of total vibrios (i.e. yellow and green
colonies) were recorded.

Oyster condition

The condition index (CI) gives an indication of the overall health of the organism by
assessing the ratio of dry to wet tissue weight using a gravimetric capacity condition index.
Whole animals were weighed after scrubbing to remove epibionts and before their shells were
notched. After processing, the remaining soft body tissue and shells were separated, rinsed with
deionized water to remove salts, and dried to a constant weight in a drying oven at 70 °C
(approximately three weeks). Dry tissue and shell weights were measured and used to calculate
individual condition indices using the following equation from Crosby & Gale (1990):

CI =

dry soft tissue weight (g) x 1000
total weight (g) - shell weight (g)
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Statistical Analyses

Hypotheses

A number of working hypotheses were developed to assess changes in the oysterassociated microbial communities over space and time. Null hypotheses and objectives are
outlined in Table 2.

EcoPlates

Two-way analysis of variance tests (ANOVAs) were performed to examine the effects of
the two independent variables, month and site, on the corrected optical density values (richness)
from gut and pallial fluid samples (GLM; Systat13). If significant differences were detected, then
a Tukey’s HSD post hoc test was performed to examine differences between levels of the
independent variables. In this and other statistical tests, significance was assessed using an alpha
level of 0.05. Dendrograms were created from sole-carbon-source utilization pattern data using
PRIMER v.6.

Disease and oyster condition

Pearson correlation analysis was used to examine the relationships between Dermo
infection intensity, condition index and richness (s) of the heterotrophic microbial community
(EcoPlate). Correlations were explored using data for each sample type (gut, pallial fluid) from
each site within a month (n = 9), for each sample type from each site (months pooled; n = 72),
and for each sample type (sites and months pooled; n = 216).

T-RFLP and Ordination Analysis
56

The sample electropherograms from GeneMapper® software were directly imported into
the BioNumerics software package (v. 6.1; Applied-Maths, Belgium) and converted to
densitometric curves. The BioNumerics software estimated the terminal-restriction fragment (TRF) sizes in base pairs (bp) by comparison to the MapMarker® 1000 molecular weight standard
(i.e., 23 DNA fragments ranging from 50 bp to 1000 bp in size) using a cubic-spline-fit
algorithm. T-RFs with estimated sizes outside the molecular weight standard range were
excluded from further analysis. The active zone of bands was set from 50 bp (8.5%) to 1000 bp
(65%). Individual peaks that were greater than 1% relative of the maximum fluorescence
intensity of each lane were defined as peaks (bands). T-RF peaks in all T-RFLP profiles were
aligned and placed into bin classes using a 1% position tolerance and 1% optimization.

After appropriate band search and band matching, peak height of all the T-RFs were
extracted from BioNumerics and imported into Microsoft Excel. Because the concentration of
DNA injected into each lane in capillary electrophoresis can differ between samples and even
replicates, T-RFLP peak profiles were standardized by dividing each peak height by the sum of
all peak heights for each sample (Liu et al. 1997, Dunbar et al. 2001, Osborn et al. 2000). These
relative peak heights (RPH) were utilized for the analysis of microbial community T-RFLP
profiles (Blackwood et al. 2003, Culman et al. 2008, Schütte et al. 2008).

Ordination analysis was performed using PC-ORD Version 6 software (MjM Software
Design). Canonical correspondence analysis (CCA) was used here to find relationships between
environmental variables and microbial community composition in both gut and pallial fluid
oyster samples because this method is often used for environmental interpretation of microbial
assemblage diversity (Ramette 2007). Water temperature at the time of collection, Dermo
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infection intensity, and oyster condition index were three parameters that were tested in
ordination. In CCA plots, samples with greater similarity were closer in ordination space, and
relationships between the three variables and microbial communities were performed using a
joint-plot overlay of a second matrix containing the aforementioned variables. A Monte Carlo
test was used to examine the correlations between each variable (temperature, Dermo, condition
index) and the microbial community structure, and to determine whether these correlations were
statistically significant. The statistical difference (R value) between each month and location
were calculated to determine the similarity among groups by Analysis of Similarity (ANOSIM)
using PAST Version 2.15. In this analysis, R values range from zero to one, with R = 0
indicating there is no separation between groups while R = 1 means two totally separated
communities. When R values are > 0.75, groups are interpreted to be well separated, R-values >
0.5 indicate separated groups with some overlap, and R-values < 0.25 indicate groups that are
slightly separated (Ramette 2007). The statistical significance of R values (p-values) was also
calculated by using PAST.

Results
Average salinity measured during each of the eight sampling times were as follows (±
SD); Avery Point (28.6 ± 0.54), Noank (28.7 ± 0.59), and Norwalk (24.4 ± 1.41). Average
seawater temperatures among sites at each sampling time varied little and the seasonal trend is
shown in Figure 2.

Community-Level Physiological Profiling (EcoPlates)
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The richness (number of carbon sources utilized, S) of heterotrophic microbial
communities of gut tissue and pallial fluid of oysters changed spatially and temporally. With the
exception of gut samples from the Noank site during the month of February, these changes were
associated with fluctuations in the temperature of LIS seawater (Figure 2). For gut data (Figure
2a), the 2-Way ANOVA revealed significant effects of both month and site, and significant
interactions between these two independent variables (Table 3a). Post hoc analysis (Tukey’s
HSD) showed that variation among sites within a month was common, with only January and
April showing no statistical difference among the three sites. When all months were considered,
richness of the gut microbial community was different between each site (p < 0.01 Table 4). The
Avery Point site generally had the highest levels of richness, followed by Noank and then
Norwalk sites (Figure 2a). Dendrograms indicate that gut samples from a given site have carbon
substrate utilization patterns that are highly variable from one sample to the next (Figure 3a, c,
e). For pallial fluid data (Figure 2b), the 2-way ANOVA revealed significant effects of both
month and site on microbial richness (Table 3b). No significant interaction effects were detected.
Post hoc analyses demonstrated that richness was significantly higher in May to September
compared to January to April (p < 0.001). Post hoc analysis also showed significant differences
between richness at Avery Point and the other two sites, but not between the Noank and Norwalk
sites (p < 0.001, p = 0.786, Tukey’s HSD; Table 3). Richness, however, was only different
between Avery Point and the other two sites in September (p > 0.05) and January (p > 0.05). The
Avery Point site generally had the highest richness throughout the year. Dendrograms indicate
that oyster pallial fluid samples from a site have carbon substrate utilization patterns that are not
very variable from one sample to the next, regardless of season (Figure 3b, d, f). Preliminary
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experiments indicated holding time in coolers did not impact richness levels (unpublished, data
not shown).

Microbial Community Structure (T-RFLP)

Canonical correspondence analysis (CCA) showed that 13.7% of the total variation in the
genetic composition of microbial communities in the gut and 10.2% of the variation in pallial
fluid communities was explained by the first three axes. Temperature was highly correlated with
microbial community structure in the gut (p < 0.001) and pallial fluid (p < 0.05), whereas Dermo
infection intensity and condition index were not. Microbial communities in both tissue types
separated into high and a low temperature groups. Communities from oysters sampled in January
and April affiliated in the low temperature group while communities in July and September
clustered in the high temperature group (Figure 4). No distinct clustering was seen by site.
ANOSIM analysis of gut samples by month showed that microbial communities were minimally
separated (R < 0.5), except for communities in April and July, which were separate with some
overlap (R = 0.62) (Table 5). Similarly, when comparing samples by site, all R values were less
than 0.25, indicating that microbial communities were minimally separated. In pallial fluid
communities, the low temperature group clustered more tightly than the high temperature group.
ANOSIM analysis indicated that communities within each temperature group were minimally
separated (R < 0.25).

Composition (Fluorescence in situ Hybridization & TCBS)

The contribution of the phylum Bacteroidetes and Psuedomonas Group I to the overall
composition of oyster bacterial communities changed throughout the year and from site to site
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(Figure 5). Bacteroidetes contributed 0.34 to 29.7% of total bacterial biomass in pallial fluid
samples and 0.17 to 29.8% in gut samples. Psuedomonas contributed 0 to 45% of total bacterial
biomass in gut samples and 0 to 31% in pallial fluid samples. Abundances for each probe, site
and tissue type are listed in Table 5. No significant correlations were seen between cell counts
and month (gut, p > 0.1; pallial fluid, p > 0.25) at any of the sites. Very few putative Vibrio spp.
colonies grew on the TCBS agar plates, and they were present only during summer months (July
& September), when water temperatures were above 20 °C (data not shown).

Oyster Disease Status & Temperature

Perkinus marinus (Dermo infection) was detected at all sites at all sampling times
throughout the year (Figure 6). The highest prevalences were detected in the fall and spring, with
some sites having 100% of sampled oysters infected. Fall samples also showed the highest
infection intensities (weighted prevalence) for all sites. Condition indices were highest at the
Avery Point site, followed by Norwalk and Noank, respectively (Table 7). Dermo infection
intensity was negatively correlated with substrate richness of heterotrophic microbial
communities in the pallial fluid of oysters at the Noank site (p < 0.05), but no correlation was
found between Dermo infection and richness of heterotrophic microbes in the gut or pallial fluid
at the Avery Point and Norwalk sites (Table 8). Oyster condition index was positively correlated
with richness in gut tissue at the Avery Point site (p < 0.01), but not at the other two sites or in
pallial fluid samples. Richness in pallial fluid was positively correlated with temperature at all
sites (p < 0.0001), but richness of carbon substrates utilized by microbial communities in gut
tissue was only correlated with temperature at the Avery Point and Norwalk sites. Analyses by
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tissue type for all sites and months were additionally run, but no significance was found (data not
shown).

Discussion
The structure and functional diversity of pallial fluid and gut microbiomes were complex
and revealed great similarities among oysters over time and in spatially separated sites. Of the
three variables quantified in this study, only temperature affected the genetic structure of
microbial communities in both the gut and pallial fluid of oysters. A similar trend was found for
the richness (S) of carbon sources utilized by heterotrophic microbial communities. No
consistent significant correlations were found between richness and Dermo infection or condition
index, but microbial substrate richness was significantly correlated with temperature in the gut of
oysters from Avery Point and Norwalk, and in the pallial fluid of oysters from all sites. Although
temperature was found to significantly influence the microbial communities of oysters, it
explained only some of the genetic variability (<15%). Whereas other studies have looked at
microbial community variation due to spatial differences (Zurel et al. 2011, King et al. 2012,
Trabal et al. 2012, Trabal et al. 2014), results of the present study represent the first
comprehensive study of the genetic and functional diversity of the oyster microbiome across
spatial and temporal scales.

Community-Level Physiological Profiling

The richness of carbon substrates metabolized by microbial communities of C. virginica
was positively correlated with seawater temperature. As a result, a higher number of carbon
substrates were utilized in warm months, and a lower number utilized in cold months. June, July,

62

and September richness values were not significantly different from one another, but they were
different from January, February, and April richness values. This characteristic was observed in
both sample types, although the substrate richness of heterotrophic microbes in gut tissue was
lower than in pallial fluid at all times of the year. This finding may indicate specialization of the
gut microbiota because it is a very different and perhaps more challenging environment than
pallial fluid. Although the substrate richness of heterotrophic microbial communities was higher
in pallial fluid samples than gut samples, the pattern of carbon substrate utilization showed the
reverse trend. Pallial fluid microbial communities exhibited moderate redundancy, with similar
patterns of carbon source utilization. In contrast, the carbon source utilization pattern of gut
communities among oysters varied more in the types and intensity of carbon sources utilized.

No other studies have used EcoPlates to assess the functional diversity of oysterassociated microbial communities. Previous studies on bacterial communities in the marine
environment, however, have used this method have reported seasonal shifts in carbon substrate
utilization related to temperature (Bickel et al. 2014, Schultz & Ducklow 2000). Although the
EcoPlate method has proven useful in examining the microbial communities of marine
aggregates (Lyons et al. 2010), corals (Breitbart et al. 2005), and oysters (current study),
limitations in the method exist. Specifically, anaerobic and autotrophic microbes and those
microbes utilizing non-carbon metabolisms are not represented by EcoPlates, and may contribute
to functional diversity in samples. Overall, however, this method is useful for understanding
shifts in microbial communities over space and time and the factors that may mediate these
shifts.

Microbial Community Structure
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CCA showed distinct clustering of the genetic structure of microbial communities in the
gut and pallial fluid that appears seasonally linked, with microbial communities in warmer
months (> 20 °C) separated from microbial communities in colder months (< 10 °C). The
structure of communities clustered more tightly across samples during colder months (January &
April) than during warmer months. The genetic structure of the microbial community and the
functional diversity of the heterotrophic microbial community responded to temperature in the
same manner in both pallial fluid and gut tissue. Results showed that July and September
communities were not different from one another, but were different from January and April
communities. These differences may indicate a core microbiome that is present throughout the
year, and a more diverse or variable microbiome during warmer months in these tissues.
Additionally, reduction in diversity during winter months could be linked to oyster clearance
rates, which are directly proportional to temperature (Bayne & Newell 1983). A reduction in
clearance rates would result in a lower number of bacteria encountered and ingested.

The limited number of oyster microbiome studies to date have all indicated that site, and
thus environmental factors, influence the microbial community (La Valley et al. 2009, King et
al. 2012, Trabal et al. 2012, Trabal et al. 2014). The current study showed little separation
between the structure of microbial communities of C. virginica regardless of site, which may be
explained by the homogeneity of Long Island Sound compared to more geographically distinct
sites in the other studies. The minimal environmental differences among the three sites in this
study further support this finding. However, Trabal et al. (2012) and Trabal et al. (2014) found
that the effect of site was not consistent for all Crassostrea spp. We suggest there may be a
genetic component of the host that also influences microbial community structure and helps
explain interspecific variation. A genetic component would also explain low intraspecific
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variation in the structure of microbial communities between populations of oysters with a high
gene flow, such as that found in the current study.

Similar to results from other marine invertebrate studies (Harris 1993, Rohwer et al.
2002, Trindade-Silva et al. 2012), we hypothesize that a core microbiome may exist within the
eastern oyster. King et al. (2012) also speculated that there was a core microbiome within C.
virginica, but because of their low sample size (n=3) and lack of temporal data, they were not
able to extrapolate further. Additional studies are needed to support this hypothesis for oysters
specifically and bivalves in general. The use of next generation sequencing would give more
insight into differences between the microbial community compositions, and the authors have
already begun exploring these differences in bivalves.

Composition

Bacteria from the phylum Bacteroidetes have been found as a major component of the
microbiota in other oyster species (Trabal et al. 2014), as well as in biofilms colonizing the
bivalve shell (Gillian et al. 1998). Marine bacteria within this group have been implicated in
organic matter degradation, specifically related to phytoplankton blooms (Kirchman 2002,
Brettar et al. 2004), which may explain their intermittent abundance in oysters. Overrepresentation of Bacteroidetes, Vibrio & Pseudomonas in other studies may be due to the
frequent use of culture techniques that favor the growth of these bacteria. The three groups were
targeted for FISH analysis because they are frequently reported in the literature. Although they
were present in almost all samples, they generally had low abundances in C. virginica from LIS.
No trends were seen either temporally or spatially, and their abundance did not correlate with
microbial community richness.
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Oyster Disease Status & Temperature

Although temperature was significantly correlated with microbial community genetic
structure, it explained only a very small percentage of the variation of these communities.
Overall, temperature, Dermo infection intensity and condition index explained little of the
variation among gut and pallial fluid samples (13.7% and 10.2%, respectively), indicating that
other environmental and intrinsic factors not tested here may be responsible for the remaining
variation. The lack of correlation between Dermo infection and the oyster microbiome is
surprising, as previous studies have found that oysters infected with the protozoan parasite
Marteilia sydneyi, had a significantly reduced bacterial diversity in their gut compared to
uninfected oysters (Green & Barnes 2010).

Conclusions
When combined, the results from the separate analyses discussed above provide a
comprehensive perspective of how the oyster microbiome varies over time and space. The
microbial community structure of oyster gut tissue and pallial fluid were similar among sample
sites and only changed from winter to summer. Richness (number of carbon sources utilized) of
the communities still followed seawater temperature trends, but varied more than structure, and
had marked differences between pallial fluid and gut tissue types. Site did not seem to impact
microbial community structure, potentially due to high gene flow in LIS (Hedgecock et al.
1994), as the sites were not considered to contain genetically different populations of oysters.
Despite the lack of a site effect, both gut and pallial fluid microbiomes were significantly
influenced by temperature. Correlations indicate that temperature had the most significant and
consistent relationship with substrate richness and structure of the gut and pallial fluid microbial
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communities of oysters. The effect of temperature may be explained by the reduction in both the
metabolic activity of many types of bacteria and the pumping activity of oysters during colder
months.

Although microbiomes from both sample types had high similarity among individual
oysters, the gut communities had overall lower richness and more diverse patterns of carbon
utilization, indicating more specialized microbial communities than those of the pallial fluid. As
suspension feeders, oysters pump seawater through the pallial cavity, bathing the mantle, gills,
and visceral mass in the process. Bacteria present in the water would come into contact with the
tissues and pallial fluid, creating the potential for interaction. Bacteria present in the gut,
however, must have at one point been ingested by the oyster as individual cells or as cells
attached to food particles. This lends to the idea that the microbes present in the gut are likely
being digested, or are resident, while the pallial cavity may represent a larger proportion of
transient microbes from the water column.

Combining the results of the EcoPlate (microbial community physiological response) and
T-RFLP (microbial community genetic structure) data, we conclude that the microbiomes in the
gut and pallial fluid exhibit functional plasticity with respect to carbon utilization. Functional
plasticity implies that the microbial community composition in these anatomical locations did
not change over short time periods (i.e., within winter or summer), but the physiological
response of these communities did change. Similar concepts have been observed as characteristic
of freshwater microbial communities, with plasticity and redundancy forced by environmental
conditions (Comte et al. 2013). Because bacteria are not highly limited by dispersal, they may
exhibit high plasticity for surviving within a host in different environments, including functional
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plasticity. This study has been the first to comprehensively investigate these concepts in
bivalves.

Consideration of additional environmental and intrinsic variables (e.g., carbon content of
seawater, energy reserves of the bivalve) may lead to a better understanding of the drivers of
variation, as the microbial community structure and function were largely independent of the
parameters measured in this study. Additionally, the role of disease in shaping the microbiome
may be significant and should be further explored.

68

Tables & Figures

Figure 1. The Long Island Sound estuary, showing the three sample sites: Avery Point (AP),
Noank (NO), and Norwalk (NW).
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Table 1. Oligonucleotide probes used to examine oysters tissues.

a

probeBase
accession #
PB-00159
PB-00160
PB-00161

Probe

Target

Probe sequence

EUB338 I
EUB 338 II
EUB 338 III

Bacteria
(total bacteria)

GCTGCCTCCCGTAGGAGT

CF319a

CytophagaFlavobacteriumBacteroides
(CFB)a

TGGTCCGTGTCTCAGTAC

PB-00042

Pseudo120

Pseudomonas
Group I

ACTACCAGGCAGATTCCTAGGCA

PB-03692

NONEUB338

non-specific
hybridization
(- control)

ACTCCTACGGGAGGCAGC

PB-00243

Now classified as phylum Bacteroidetes
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Table 2. Null hypotheses and objectives associated with this study.

Objective
1: Assess differences
in the microbial
communities of
oysters in Long
Island Sound from
different sites

Null Hypotheses

Result

A: There is no difference in genetic diversity of the
gut microbial communities of oysters from
different sites

Fail to Reject

B: There is no difference in functional diversity of
the gut microbial communities of oysters from
different sites

Reject

C: There is no difference in genetic diversity of the
pallial fluid microbial communities of oysters
from different sites

Fail to Reject

D: There is no difference in functional diversity of
the pallial fluid microbial communities of oysters
from different sites
2: Assess differences
A: There is no difference in genetic diversity of the
in the microbial
gut microbial communities of oysters from
communities
of
different months
oysters in Long
Island Sound from B: There is no difference in functional diversity of
different months
the gut microbial communities of oysters from
different months

Reject

Reject

Reject

C: There is no difference in genetic diversity of the
pallial fluid microbial communities of oysters
from different months

Reject

D: There is no difference in functional diversity of
the pallial fluid microbial communities of oysters
from different months

Reject

3: Assess the influence
A: There is no correlation between temperature and
of temperature on
the genetic diversity of the gut microbial
the diversity of
communities of oysters from different sites
microbial
communities
of B: There is no correlation between temperature and
oysters in Long
the functional diversity of the gut microbial
Island Sound
communities of oysters from different sites
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Reject

Reject

C: There is no correlation between temperature and
the genetic diversity of the pallial fluid microbial
communities of oysters from different sites

Reject

D: There is no correlation between temperature and
the functional diversity of the pallial fluid
microbial communities of oysters from different
sites

Reject

4: Assess the influence A: There is no correlation between dermo infection
of dermo infection
and the genetic diversity of the gut microbial
on the diversity of
communities of all oysters
microbial
communities
of B: There is no correlation between dermo infection
and the functional diversity of the gut microbial
oysters in Long
communities of all oysters
Island Sound
C: There is no correlation between dermo infection
and the genetic diversity of the pallial fluid
microbial communities of all oysters
D: There is no correlation between dermo infection
and the functional diversity of the pallial fluid
microbial communities of all oysters
5: Assess the influence A: There is no correlation between condition index
of condition index
and the genetic diversity of the gut microbial
on the diversity of
communities of all oysters
microbial
communities
of B: There is no correlation between condition index
and the functional diversity of the gut microbial
oysters in Long
communities of all oysters
Island Sound

Fail to Reject

Fail to Reject

Fail to Reject

Fail to Reject

Fail to Reject

Fail to Reject

C: There is no correlation between condition index
and the genetic diversity of the pallial fluid
microbial communities of all oysters

Fail to Reject

D: There is no correlation between condition index
and the functional diversity of the pallial fluid
microbial communities of all oysters

Fail to Reject
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Figure 2. Richness (s) of carbon sources utilized by heterotrophic microbial communities
(optical density [OD] > 0.25 at 120h reading) in (a) the gut and (b) pallial fluid of oysters
sampled over an eight-month period (June 2011 - May 2012). Seawater temperatures are
averages for the three sites and were measured at the same time oysters were collected. Richness
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data are presented as means ± SD (n = 9). Significant differences in richness between months are
indicated by different letters, whereas significant differences between sites within a month are
indicated by an asterisk (*). Note that richness appears to follow the same general trend as
seawater temperature. Also, gut microbial communities had more significant differences between
sites than communities in pallial fluid.
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Table 3. 2-way ANOVA tables for gut (a) and pallial fluid (b) samples.

(a)

Source of
Variation

DF

SS

MS

F

P

Month

7

3664.292

523.470

15.901

< 0.001

Site

2

1773.231

886.616

26.932

< 0.001

Month x Site

14

2241.361

160.097

4.863

< 0.001

Source of
Variation

DF

SS

MS

F

P

Month

7

4544.218

649.174

22.075

< 0.001

Site

2

675.398

337.699

11.483

< 0.001

Month x Site

14

479.046

34.218

1.164

0.306

(b)

75

Table 4. Differences in the richness of carbon sources utilized by heterotrophic microbial
communities in the gut and pallial fluid of oysters sampled at the three sites during an eightmonth period (June 2011 - May 2012) (samples pooled, n = 72; Tukey’s Honestly-Significant
Difference post hoc test). AP = Avery Point, NO = Noank, and NW = Norwalk.

Gut

Pallial fluid

Comparison

p < 0.05

p < 0.05

AP vs. NW

Yes

Yes

AP vs. NO

Yes

Yes

NO vs. NW

Yes

No
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Figure 3. Similarities in the carbon substrate utilization patterns of microbial communities in the
gut and pallial fluid of oysters sampled from the Avery Point (a & b), Noank (c & d), and
Norwalk (e & f) sites over an eight-month period (June 2011-May 2012). Leaves indicate
individual oysters. Dashed line indicates a 75% similarity level. Note that pallial fluid microbial
communities (b, d, f) had more similar patterns of carbon utilization compared to gut
communities (a, c, e), regardless of season.
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Figure 4. Relationships between each of the three independent variables (temperature, Dermo
infection intensity, condition index) and the structure of microbial communities in the (a) gut and
(b) pallial fluid of oysters sampled at the three sites over an eight-month period (June 2011-May
2012). Degree of correlation of each independent variable with the axes is represented by the
length and direction of arrows. Months are indicated by colors and sites are indicated by symbols
(i.e., square = Avery Point, circle = Noank, triangle = Norwalk). Note that in both sample types,
microbial communities group together by season regardless of site, with months experiencing
warmer seawater temperatures (> 20 °C) separate from months with colder seawater
temperatures (< 10 °C).
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Table 5. Differences in the multivariate structure of microbial communities in the gut and pallial
fluid of oysters sampled in four of the eight months (June 2011 - May 2012) (sites pooled, n =
34; ANOSIM). R values indicate the level of separation of microbial communities (i.e., R = 0, no
separation between communities, R = 1, two totally separated communities; Ramette 2007)

Gut
Comparison

Pallial fluid

R

p < 0.05

R

p < 0.05

0.35

yes

0.018

no

Sep vs. Jan 0.019

no

0.29

yes

Sep vs. Apr

0.34

yes

0.12

no

Jan vs. Apr

0.24

yes

0.038

no

Jul vs. Apr

0.62

yes

0.054

no

Jan vs. Jul

0.33

yes

0.15

yes

Sep vs. Jul
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Figure 5. Relative cell counts for phylogenetic groups Bacteroidetes (CF319a) and
Pseudomonas Group I (Pseudo120) as a percentage of the total Bacteria (EUB338 I,II & III)
cells sampled over an eight-month period (June 2011 - May 2012). Data are presented as means
± SD (n = 3) for gut tissue (GT) and pallial fluid (PF) samples from (a) Avery Point, (b) Noank
and (c) Norwalk sites. No trends were seen.
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Table 6. Mean abundance ± SD of each phylogenetic group in the gut and pallial fluid of oysters
sampled at the three sites over an eight-month period. Bacterial groups include Bacteria
(EUB338 I, II, & III), Bacteroidetes (CF319a), and Pseudomonas Group I (Pseudo120).

Site
Jul
AP
NO
NW
Sep
AP
NO
NW
Nov
AP
NO
NW
Jan
AP
NO
NW
Apr
AP
NO
NW

Mean abundance (x 105 cells) ml-1
Gut
Bacteria Bacteroidetes Pseudomonas

Mean abundance (x 105 cells) ml-1
Pallial fluid
Bacteria
Bacteroidetes Pseudomonas

103 ± 56
90 ± 80
145 ± 145

3.4 ± 2.1
4.8 ± 2.3
7.7 ± 7.0

2.1 ± 0.47
0.025 ± 10.5
5.5 ± 5.3

40 ± 25
111 ± 43
55 ± 18

2 ± 2.1
1.4 ± 1.7
1.7 ± 1.4

1.1 ± 0.6
0.3 ± 0.3
0.7 ± 0.2

75 ± 4.9
44 ± 16
142 ± 161

3.5 ± 1.2
1.2 ± 1.5
3.9 ± 1.9

3.5 ± 2.0
1.4 ± 1.3
3.7 ± 3.5

47 ± 0.5
36 ± 25
74 ± 26

1.6 ± 0.3
0.5 ± 0.2
3.1 ± 1.2

3.4 ± 0.3
3.6 ± 4.2
0.5 ± 0.5

203 ± 56
78 ± 50
98 ± 36

0.93 ± 0.42
2.9 ± 2.5
2.5 ± 2.2

0.33 ± 0.22
4.7 ± 5.4
2 ± 2.2

57 ± 20
65 ± 70
69 ± 21

0.6 ± 0.3
1.5 ± 1.1
12 ± 9

0.2 ± 0.2
1 ± 1.5
15 ± 8

68 ± 15
65 ± 21
121 ± 136

4.9 ± 7.3
2.1 ± 1.8
3.7 ± 1.6

1.6 ± 0.82
2.5 ± 0.78
1.4 ± 0.7

52 ± 50
94 ± 50
56 ± 5.4

1.3 ± 0.4
3.8 ± 0.5
1.7 ± 1.3

0.5 ± 0.05
2.4 ± 1.6
0.6 ± 0.2

63 ± 20
108 ± 11
167 ± 163

9.3 ± 10.4
7.3 ± 2.2
0.55 ± 0.67

5.4 ± 6.3
5.6 ± 3.1
1.7 ± 1.7

53 ± 36
86 ± 53
36 ± 8.8

3.2 ± 1.2
2.4 ± 1.8
0.5 ± 0.4

1.6 ± 0.9
3.2 ± 2.5
4.4 ± 3.9
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Figure 6. (a) Percent prevalence and (b) infection intensity (weighted prevalence) of Dermo in
oysters from all three sites during an eight-month period (June 2011 - May 2012) (n = 9).
86

Table 7. Condition indices of oysters from all three sites during an eight-month period (June
2011 - May 2012). Data are presented as means ± SD (n = 9). AP = Avery Point, NO = Noank,
and NW = Norwalk.

Month
Site

Jun

Jul

Sep

Nov

Jan

Feb

Apr

May

AP

69 ± 13 46 ± 10 64 ± 10

54 ± 6

56 ± 8

49 ± 12

55 ± 7

43 ± 15

NO

57 ± 12

51 ± 8

53 ± 11

44 ± 4

35 ± 8

51 ± 21

NW

48 ± 13 37 ± 11 50 ± 13 51 ± 17 47 ± 10 49 ± 13 46 ± 20 54 ± 15

41 ± 6

62 ± 10
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Table 8. Correlations between Dermo infection intensity, condition index (CI), and temperature
and the richness (S) of carbon sources utilized by heterotrophic microbial communities in gut
tissue (GT) and pallial fluid (PF) for each site over an eight-month period (n = 72). AP = Avery
Point, NO = Noank, and NW = Norwalk. Data are Pearson coefficients. Significance level
denoted by asterisks (* = 0.05 > p > 0.01; ** = 0.01 > p > 0.001, *** = p < 0.001) or NS (not
significant).

Parameter

Site

Dermo
v. (S)GT

Dermo
v. (S) PF

CI v. (S)
- GT

CI v. (S) PF

Temp v. (S) GT

Temp v. (S)
- PF

AP

-0.108
NS

-0.0211
NS

0.359
**

0.153
NS

0.664
***

0.566
***

NO

-0.0230
NS

-0.238
*

0.0900
NS

0.186
NS

0.172
NS

0.613
***

NW

0.0313
NS

0.0579
NS

0.132
NS

-0.0124
NS

0.444
***

0.649
***
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Chapter 3: The Bivalve Gut Microbiome: Seasonality, Species Variation, and the
Influence of Marine Aggregate-Associated Microbial Communities
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Abstract
Differences in gut bacterial communities were evaluated between two species of bivalve
molluscs, the eastern oyster (Crassostrea virginica) and the blue mussel (Mytilus edulis)
collected from Long Island Sound, Connecticut over the course of a year. Marine aggregates and
aggregate-free seawater (AFSW) were also collected for comparison. Due to the suspensionfeeding activities of bivalves, the potential for marine aggregate and AFSW associated
microbiota to influence their microbial communities may be significant. Both genetic and
functional diversity of the samples were assessed. Similarity Percentage (SIMPER) analysis of
16S rRNA gene sequencing (V4 region) data indicated that oysters and mussels maintain very
similar gut microbiomes at the phylum level, with some temporal variation. Further, core
analysis revealed that oysters and mussels shared a high number of OTUs, mostly from the class
Gammaproteobacteria. Individual samples within a month had high similarity to one another
within each of the four sample types (mussel, oyster, marine aggregate, and AFSW), but some
temporal variation was observed. Based on the Shannon diversity index, there was no significant
difference in genetic diversity of the microbial communities throughout the summer and fall.
This result was observed for mussel, oyster, and marine aggregate samples. On a functional
level, bivalve gut bacterial communities exhibited species and temporal variation. Unlike oysters,
mussel bacterial communities maintained high functional richness and evenness values
throughout the year, even when values for the particle diet (marine aggregate) and AFSW were
reduced. The presence of a core bivalve microbiome was evident, although it was not highly
similar to the particle diet microbial community as was hypothesized based on the suspensionfeeding mechanism of bivalves.
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Introduction
Research conducted on animal microbiomes demonstrates a strong interaction between
hosts and the microbial communities they harbor (Hooper et al. 2001, Ley et al. 2008a & 2008b,
Arrieta & Finlay 2012, Dishaw et al. 2014a). These interactions span a variety of processes, from
digestion and nutrient absorption to immune response and development, and may play a major
role in host enantiostasis (Rawls et al. 2004, Arrieta & Finlay 2012, Dishaw et al. 2014a, Buchon
et al. 2013). How the gut microbial community is modulated, however, is still poorly understood,
but could include both extrinsic (e.g., environment, diet) and intrinsic (e.g., host immune system,
physiology, life stage) components (Muegge et al. 2011, Kau et al. 2011, Arrieta et al. 2014,
Stephens et al. 2016).

Although mammalian microbiomes have been extensively studied, research focused on
understanding invertebrate gut-microbiome interactions has grown. In the fruit fly Drospohila
melanogaster, the gut microbiota have been found to be affected by environmental and dietary
factors, with differences observed between laboratory reared and wild-type flies (Broderick &
Lemaitre 2012). Similarly, annelid worms showed a rapid and homologous change in the
microbiota in response to feeding after starvation; however, they also harbored bacteria not
found in their diet or bedding (Rudi et al. 2009). In the aquatic environment, different species of
Hydra had different bacterial communities even when cultured under identical conditions
(Fraune & Bosch 2007). Laboratory reared and wild-type Hydra of the same species shared
similar microbiota, supporting the idea that the host imparts some control on the microbiome
(Fraune & Bosch 2007, Bosch 2014). Marine sponges, although they lack true tissues or a gut,
contain bacterial assemblages that are distinct from the surrounding seawater and highly
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conserved among species over time and space (Fan et al. 2012, Trindade-Silva et al. 2012,
Blanquer et al. 2013). Corals also appear to maintain species-specific gut microbiomes, even
when separated geographically (Rohwer et al. 2001 & 2002, Tout et al. 2014). Abalone, a
gastropod mollusc, demonstrated changes in biodiversity of their gut microbiota when different
diets were applied (Tanaka et al. 2004). Multiple studies on bivalve molluscs showed that gut
microbiota of several oyster species were influenced by life stage, host taxonomy, and
environmental parameters (i.e., temperature) (Trabal et al. 2012 & 2014, Pierce et al. 2016).
Specifically, the gut communities of the eastern oyster (Crassostrea virginica) were not
significantly different from one another when separated geographically, but were characterized
by seasonal, temperature dependent differences (Pierce et al. 2016). Similarly, sessile filterfeeding tunicates were found to maintain core bacterial communities even across geographic
locations (Dishaw et al. 2014b).

In all cases, both intrinsic and extrinsic factors are likely at play, with the environment as
well as the host asserting control on the microbiome composition. In the aquatic environment,
one of the least studied parameters is the influence of diet. For sessile suspension-feeding
bivalves such as oysters and mussels, direct interactions with the suspended particle diet could
mediate their gut microbiomes. In particular, the presence of particle aggregations could impact
types and numbers of bacteria that are captured and ingested by bivalves. Marine aggregates
(a.k.a., marine snow, flocs) are a natural collection of living and nonliving materials that have
agglomerated through physical, chemical, and biological processes (Alldredge & Silver 1988;
Hill 1998, Jackson 1990, Kiørboe 2002, Azam & Malfatti 2007). Aggregates are ubiquitous in
the marine environment and have a complex three dimensional structure that is physically and
chemically distinct from the surrounding seawater (Silver et al. 1978, Alldredge 2000, Ploug
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2001). These microhabitats provided an enriched nutrient environment for microbes (DeLong et
al. 1993, Lyons et al. 2010), and are an area of high biomass, productivity, and diversity
compared to seawater (Azam & Long 2001, Simon et al. 2002, Kiørboe 2003, Lyons et al. 2005,
Lyons et al. 2007, Caron et al. 1986, Herndl 1988), with enrichment factors often on the order of
100 to 1000 (Simon et al. 2002, Lyons et al. 2007). Community structure, diversity, enzyme
activity, and metabolism of the marine aggregate-associated microbes often differ significantly
from that of the water and free-living (unattatched) microbial communities (Crump et al. 1999,
Azam & Long, 2001, Kiørboe et al. 2003, Kramer et al. 2013, Vojvoda et al. 2014, Azam &
Malfatti 2007, Grossart et al. 2007, Lyons & Dobbs 2012).

The capture and ingestion of particles by bivalves is largely dependent on size, with
capture efficiency increasing non-linearly with increasing particle size (Vahl 1972, Møhlenberg
& Riisgård 1978, Riisgård 1988). Particles < 1.5 µm, such as individual bacteria, are captured
by oysters and mussels at < 25% efficiency (Wright et al. 1982, Lucas et al. 1987, Riisgård,
1988, Langdon & Newell 1990, Ward & Shumway 2004), whereas microbes associated with
aggregates > 10 µm are captured at > 90% efficiency. Some of the bacteria that bivalves
encounter through this route are likely ingested and could colonize the gut. Therefore, the rich
bacterial communities within aggregates represent a vehicle for enhanced encounter and uptake
of microbes by bivalves (Kach & Ward 2008, Froelich et al. 2013).

The goal of the current study was to better understand the dynamic relationship between
marine bacterial communities of the water column and the bivalve gut. A seasonal study of the
suspended-particle diet and two species of bivalves was conducted to assess both extrinsic
environmental and intrinsic (species) factors that could mediate the genetic and functional
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diversity of each micro-environment (unattached, aggregates, gut). Specifically, this project was
designed to address the hypothesis that mussels and oysters would harbor similar gut microbial
communities because these bivalves utilize a shared feeding mechanism. Additionally, the
components of their particle diet (marine aggregates) and environment (seawater), may impart an
influence on the composition of the bivalve gut microbiome.

Materials and methods
Sample Site

Eastern oysters, Crassostrea virginica (Gmelin, 1791) and blue mussels Mytlius edulis
Linnaeus, 1758 were held off the docks at the UConn Avery Point campus in Groton, CT on
Long Island Sound. Oysters were sourced from the Noank Aquaculture Co-op and held for a
minimum of two months at Avery Point before sampling began. Mussels were collected from the
docks at Avery Point. Bivalves were mixed together in two adjacent baskets suspended from the
dock at a depth of 1 m. Bivalves, marine aggregates, and seawater were collected for analyses
four times; September (‘13), November (‘13), March (‘14), and July (‘14). Oysters and mussels
were selected that were of similar size, with oysters ranging from 8 to 10 cm in height and
mussels ranging from 4 to 5 cm in length.

Collection of Marine Aggregates & Seawater

Seawater adjacent to the holding baskets was pumped into four individual 1-L Imhoff
cones (ca. 450 mm long) that were held in a rack on the dock (Figure 1). Each cone was initially
rinsed with seawater, and fitted with a sterile 15 mL falcon tube at its tapered end for collection
of marine aggregates. A 60 minute settling time was chosen to separate large aggregates (> 200
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µm) from smaller particulates based on the settling velocity of different size aggregates (Hill
1998), and the distance (length) of the water column through which they settled.

After 60 minutes, 125 mL of seawater from the top of each cone was collected and placed
into a cooler (operationally defined aggregate-free seawater; AFSW). Seawater in the settling
cones was then removed and a new 1-L sample added for settling. This was repeated twice on the
flood tide and twice on the ebb tide, with no samples collected within 2 hours of slack tide.
During periods of no sampling, falcon tubes were stored at 4 °C. Sample types were pooled over
the course of the whole tidal cycle for each settling cone. At each collection time point, two 1-L
samples of seawater were taken to determine mass and organic content of total suspended solids
(TSS). Temperature and salinity measurements were taken with a YSI meter during both tidal
cycles.

Video Analysis

Each time water was collected, five minutes of underwater video footage of suspended
aggregates was taken as outlined in Lyons et al. (2007) (Sony TRV99 camera, Ikelite housing,
supporting frame). For analysis, digitized still images were systematically captured every 15
seconds (Showbiz, Arcsoft, Inc.), and then imported into Adobe Photoshop Elements (v.8.0).
The first minute of footage was not analyzed to account for material being stirred up during
camera positioning. A high pass filter was applied, lighting and contrast adjusted, and the image
was inverted. Each image was then imported into ImageJ, a binary mask applied, and aggregates
counted using the ‘analyze particles’ function. Counts were manually verified to identify artifacts
as described in Lyons et al. (2007).
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Preparation of Marine Aggregates & Seawater

In the laboratory, AFSW from the sampling time points (125 mL) was pooled (total =
500 mL over the course of the tidal cycle per settling cone). AFSW was passed through a 20 µm
polycarbonate filter and the filtrate then passed through a 0.2 µm polycarbonate filter. The 0.2
µm filter was placed in a sterile scintillation vial and collected material was re-suspended in 10
mL of phosphate buffered saline (PBS) by vortexing (10 s). Aggregates in the falcon tubes were
allowed to settle for an additional 30 min, after which overlying water was removed by pipetting.
Marine aggregates were then diluted with 10 mL of PBS and disaggregated by shaking and
vortexing (x3). After inoculating EcoPlates and marine agar plates (see below), the remaining
samples were frozen at -80 °C until used for molecular analysis.

To evaluate the size of particulates in AFSW, sub-samples were collected from the top of
the settling cones after 1 h and counted on a hemocytometer.

Collection & Dissection of Bivalves

Oysters and mussels were sampled the morning following collection of water and marine
aggregate samples. Preliminary studies demonstrated that day-to-day variation in functional
diversity of bacterial communities of aggregates was low, and the procedure ensured that
samples could be processed immediately after collection. Six individuals of each species were
taken from the baskets and immediately brought into the laboratory for dissection. Animals were
then scrubbed to remove epibionts, rinsed with 70% ethanol, and prepared using aseptic
technique (Greenberg & Hunt 1985). Oysters were dissected as outlined in Pierce et al. (2016).
For mussels, a small knife was inserted between the valves at the pedal gap and the two adductor
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muscles severed. The entire gut and digestive gland was isolated and used (henceforth referred to
as “gut”). Tissues were then homogenized and diluted as in Pierce et al. (2016). Subsamples (600
µl) of homogenized tissue prior to dilution were taken and frozen at -80 °C until used for
molecular analysis. The diluted sample was used to inoculate EcoPlates and marine agar (see
below).
Community-Level Physiological Profiling (Biolog EcoPlatesTM)

Biolog EcoPlates assess microbial community functional diversity, defined as the
potential catabolic activity, by evaluating the number (substrate richness; S) and pattern of
carbon source utilization by the community (Zak et al. 1994). Although the plates only assess
one microbial function (carbon metabolism), functional diversity is the term commonly used in
the literature to describe results of this method (Sala et al. 2006, Stefanowicz et al. 2008, Lyons
et al. 2010, Pierce et al. 2014).

Prior to inoculation, dilutions of samples were prepared to minimize the false positive
effects of divalent cations while maximizing bacterial community diversity (Pierce et al. 2014 &
2016). Aliquots (150 µl) of gut samples were inoculated into EcoPlates, incubated in the dark at
21 °C, and read as described in Pierce et al. (2016).

Absorbance values from 168 h readings were chosen as the end point and corrected to
control for any inherent color change from carbon sources in the inoculum as outlined in Insam
& Goberna (2004). Calculations of richness (S), the number of substrates utilized by the
microbial community of the sample, were determined following the protocols outlined in Zak et
al. (1994) and Lyons et al. (2010). The Shannon Diversity Index (H’ = -Σpiln(pi); where pi is the
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relative abundance of the absorbance value of each well – individual well absorbance/sum of all
absorbance values), and Evenness (E = H’/ln(S); where H’ is the Diversity Index and S is the
richness) were calculated using wells in which corrected absorbance values were > 0.25.

The EcoPlate contains a triplicate series of 31 unique carbon sources (ten carbohydrates,
nine carboxylic acids, four polymers, six amino acids, and two amines/amines) plus a control
well (with no substrate). Guild groupings by substrate type were assigned following the
recommendations of Zak et al. (1994) and Weber & Legge (2009). Utilization ratios for each
grouping were calculated based on the number of wells utilized divided by the total number of
wells possible (31).

DNA Extraction & Sequencing

The MoBio Power Biofilm DNA Isolation kit (MoBio Laboratories Inc., Carlsbad, CA)
was used to extract DNA from all samples (raw tissue, aggregates, seawater) following
manufacturer’s instructions. The V4 hyper-variable region of the 16S rRNA gene was amplified
using previously designed 515f/806r primers with Illumina adapters and dual indices (Table 1;
Caporaso et al. 2011). Samples were amplified using Phusion High-Fidelity PCR master mix
(New England BioLabs). The PCR reaction was incubated at 94 ˚C for 3 minutes, then 30 cycles
of 45 s at 94.0 °C, 60 s at 50.0 °C and 90 s at 72.0 °C, followed by final extension at 72.0 °C for
10 minutes. DNA was quantified using the Quant-iT PicoGreen kit (Invitrogen, ThermoFisher
Scientific). Bacterial amplicon libraries were prepared and sequenced on an Illumina MiSeq at
The Microbial Analysis and Research Services (MARS) facility (University of Connecticut).
Libraries were prepared as described by Caporaso et al. (2012) using a 2 x 250 base pair paired
end protocol.
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Amplicon Sequence Analysis

Datasets were demultiplexed using MiSeq Reporter v2.0. Read pairs were merged,
quality and length filtered to form single contigs prior to being de-multiplexed and analyzed with
the Quantitative Insights Into Microbial Ecology (QIIME, v. 1.8.0) pipeline (Caporaso et al.
2010). Greengenes (13_8 release; DeSantis et al. 2006) was used as a reference database for the
taxonomic assignment of Operational Taxonomic Units (OTUs) based on 97% sequence
similarity. Beta analysis included Unweighted and Weighted UniFrac metrics for Principal
Coordinates

analysis

(PCoA).

Core

microbiomes

were

determined

using

the

“compute_core_microbiome.py” command, and were defined as the OTUs present in 95% of the
samples for each treatment.

Similarity Percentage (SIMPER) Analysis

SIMPER analysis was run using the program PRIMER (v.6). For EcoPlate analysis,
corrected absorbance values were used, whereas 16S rRNA analysis used abundance data at the
phylum level. One-way and two-way crossed SIMPERs were run with a cutoff of 90%, using the
Bray-Curtis similarity resemblance measure.

Total Culturable Heterotrophic Bacteria

Difco Marine Agar 2216 (Becton, Dickinson and Co.) was used to enumerate marine
heterotrophic bacteria. Aliquots (100 µl) of gut, marine aggregate, and AFSW samples were
spread onto agar plates and incubated at ambient seawater temperature at the time of collection.
Plates were read every 24 h for 5 days using a colony counter (Quebec® Reichert, Inc.), and total
colony forming units (CFUs) were recorded.
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Bivalve Condition Index

Dry tissue and shell weights were determined and used to calculate individual condition
indices (CI), an indication of the overall health of the animal, using the following equation from
Crosby & Gale (1990):

CI =

dry soft tissue weight (g)x 1000
total weight (g)-shell weight (g)

Height (oysters), length (mussels), and width of the shell of each animal were measured
using calipers and recorded. To account for the weight lost by removal of gut tissue for analyses,
the guts of a second set of mussels, representative of the population sampled (i.e., similar length
and width), were isolated, dried, and weighed. The mean dry weight of these gut tissues was
added to the dry weight recorded for mussels from the microbiome analyses.

Total Suspended Solids & Organic Content

Seawater (1 L), collected for TSS analysis, was vacuum filtered onto pre-combusted, preweighed GF/C filters (Whatman; 47 mm). Filters were rinsed with isotonic ammonium formate
to remove salts and dried to a constant weight at 70 °C. Filters were then combusted at 450 °C
for 2 hours and re-weighed to determine organic content of the samples (Barillé-Boyer et al.
2003; Stavn et al. 2009).

Statistical Analysis & Hypotheses
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Several working hypotheses were created to examine the relationships between the
microbiomes of mussels and oysters as well as their relationship to environmental microbial
communities over time in Long Island Sound. Null hypotheses are listed in Table 2.

Two-way analysis of variance tests (ANOVAs) were performed to examine the effects of
the two independent variables, month and sample type, on Shannon diversity index and number
of OTUs observed calculated from 16S rDNA sequences. Due to low sample size in some
months and sample types, two-way crosses were unable to be carried out. Individual one-way
ANOVAs were run instead. 16S rRNA gene sequencing abundance data was used to create heat
maps using the software package Statistical Analysis of Metagenomic Profiles (STAMP). A oneway ANOVA was performed to examine the effect of sample type on bacterial abundance at
multiple taxonomic levels (STAMP v.2.1.3). If a significant effect was detected, a TukeyKramer post hoc test was applied. Significance was assessed using an alpha level of 0.05.

Two-way ANOVAs were performed to examine the effects of the two independent
variables, month and sample type, on carbon-source utilization (richness), Shannon diversity
index, and evenness calculated from EcoPlate data, as well as CFUs of heterotrophic bacteria
(GLM, Systat13). A one-way ANOVA was used to examine the effect of month on carbon
utilization ratios by guild grouping for each sample type (GLM, Systat13). Utilization ratios
were arcsine transformed and CFU data were log transformed to improve normality and
homoscedasticity. If significant effects were detected, a Tukey’s HSD post hoc test was
performed to examine the differences between the levels of the independent variables.
Significance was assessed using an alpha level of 0.05.

Results
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16S rRNA Gene Sequencing

Microbial Community Composition & Diversity

Principal Coordinate Analysis (PCoA) using the Unweighted UniFrac metric revealed
that sequences grouped by sample type (Figure 2). During the month of March, however, marine
aggregate samples grouped separately from those of September, November, and July. Within
each sample type, individual samples clustered closely by month. Overlap between the two
bivalve species was evident, with mussel and oysters from the month of September clustering
together.

The most abundant phyla across sample types were the Cyanobacteria, Proteobacteria,
Tenericutes, Verrucomicrobia, Bacteroidetes, Plantomycetes, Actinobacteria, Firmicutes, and
other non-reference aligned Bacteria (Figure 3). In September, bivalve samples had a higher
proportion of Cyanobacteria and a lower proportion of Proteobacteria than marine aggregates.
Overall, bivalves contained significantly higher abundances of Verrucomicrobia and Tenericutes
but significantly fewer Bacteroidetes than marine aggregates (Figure 4). Temporally, marineaggregate communities changed little, with only a marked increase in Cyanobacteria (> 80% of
total abundance) in March. In contrast, the mussel samples from March had a low abundance of
Cyanobacteria (< 2% of total abundance), but in July the abundance of these bacteria increased.
Bivalve samples demonstrated seasonal variation in the proportion of abundant phyla, but not a
change in which phyla were the most abundant. In November, the abundance of Cyanobacteria
decreased and the number of Proteobacteria increased in all samples.
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Shannon diversity index values were similar across the months September, November,
and July for all sample types (Figure 5a; 1-way ANOVA, p > 0.05). In March, values were
significantly lower than November for marine aggregate samples, and significantly lower than
July for mussel samples (1-way ANOVA, p < 0.05). Similar results were seen for the number of
OTUs observed for each sample type by month, with no significant differences in number of
OTUs from marine aggregates from all months, and significantly lower number of OTUs seen in
March for mussel samples (Figure 5b). Marine aggregates had significantly higher numbers of
OTUs compared to oysters in September, November, and July.

SIMPER Analysis (Phylum Level)

Microbial communities within each sample type as determined by 16S rRNA gene
sequencing were highly similar (> 78%) both within a month and when all months were
combined (Table 3). Dissimilarity between sample types was low, but oysters and mussels had
the lowest dissimilarity to each other (18%) than either had to marine aggregates (27 - 32%). The
highest dissimilarities between months were found with comparisons to March. For all sample
types, the most variation was always explained by Cyanobacteria and Proteobacteria.
Cyanobacteria was the largest driver of dissimilarity between sample types, except for oyster vs.
AFSW dissimilarities which were driven by Tenericutes and mussel vs. AFSW dissimilarities
which were driven by Verrucomicrobia.

Oyster samples from September lacked Fusobacteria, whereas November samples lacked
Fusobacteria and Gemmatimonadetes. July samples contained all identified phyla. Mussel
samples from September lacked Chlamydiae and KSB3. The March sample (n = 1) lacked
Chlorobi, KSB3, Gemmatimonadetes, WS3, Caldithrix, SAR406, and Spirochaetes. November
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samples contained all identified phyla. July samples lacked SAR406. No bivalve samples
contained Archaea. Dissimilarity levels of individual oysters between months ranged from 1318% and individual mussels ranged from 15 - 25%.

Marine aggregate samples from September lacked Tenericutes. November samples
contained all identified phyla. March samples lacked SAR406. The July sample (n = 1) lacked
Chlamydiae, SAR406, KSB3, and Archaea. Dissimilarity levels of individual aggregates between
months ranged from 13 - 33%.

Core Microbiome (OTU Level)

Core OTUs (defined as those OTUs shared across 95% of samples analyzed) were
evident among and within sample types (Figure 6). Mussels had the highest number of OTUs in
their year-round core microbiome at 161 OTUs (16.2% of total OTUs sequenced), followed by
oysters at 108 OTUs (13.8% of total) and marine aggregates at 97 OTUs (9.6% of total). Oyster
and mussel samples from all seasons shared the highest percentage of their core microbiome
(117 OTUs, 11 - 15%), with 100% of the total OTUs in oysters also found in mussels. In
contrast, each bivalve shared 8 - 9% of their core microbiome with marine aggregates. For
AFSW samples only those from July amplified, and overall comparison with other sample types
was not possible.

Within a month, mussel samples from September shared 60.6% of total OTUs sequenced,
November animals shared 50.7%, and July animals shared 39%. Comparison within the month of
March was not possible due to n = 1. Mussels from September and November shared the most
OTUs, while those from March and July shared the fewest (Figure 7a). Of the total OTUs
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sequenced, 40.5% were shared by all oyster samples from September and 31.8% from all July
animals. Between months, September and July oyster samples were the most similar, with 21 22% of the OTUs found being shared (Figure 7b). Some of the most abundant shared OTUs in
the bivalve core were the Deltaproteobacteria (19 OTUs), sulfur metabolizers belonging to the
Desulfobulbaceae, Desulfobacteraceae, and Desulfuromonadaceae families. Also abundant were
the Verrucomicrobia (10 OTUs) and 37 OTUs belonging to the Gammaproteobacteria, mostly
those in the orders Chromatiales, Oceanospirillales, and Alteromonadales (OM60 and
Shewanellaceae families). Particularly notable was the presence of three Phaeobacter OTUs, a
genus containing a known oyster probiotic shown to protect the host against Vibrio and
Roseovarius pathogens (Karim et al. 2013).

For marine aggregates, September samples maintained a core microbiome representing
72.5% of the total OTUs sequenced, November samples shared 59.8% of OTUs, and March
samples shared 27.1% of OTUs (Figure 7c). The most abundant OTUs in the core belonged to
the Bacteroidetes (13 OTUs) and the Alpha- (10 OTUs), Delta- (17 OTUs), and
Gammaproteobacteria (42 OTUs). In contrast to the bivalves, there were no OTUs belonging to
the Verrucomicrobia in the core.
Community Level Physiological Profiling – EcoPlates

Richness, Shannon Diversity Index & Evenness

All metrics were significantly affected by month and sample type (2-way ANOVA, p <
0.05). Due to significant interaction effects (2-way ANOVA, p < 0.05), the model was broken
into individual 1-way ANOVAs and re-run. The richness (number of carbon sources utilized, S)
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and Shannon diversity index of heterotrophic microbial communities changed seasonally for
oyster, marine aggregate, and AFSW samples. This trend was not seen with the gut microbial
communities of mussels, whose richness and Shannon Index did not vary temporally. For both
metrics, post hoc analysis (Tukey’s HSD) showed significant differences among sample types
within each month except for July (p < 0.05; Figure 8). Mean evenness values are listed in Table
4 and corresponding temperatures for sampling time points are listed in Table 6.

Guild Groupings

Significant temporal variation was found in the specific carbon sources (guilds) utilized
by microbial communities of all sample types (1-way ANOVA on each guild; p < 0.05; Figure
9). Microbial communities of mussels demonstrated significant temporal differences in
utilization of carbohydrates and carboxylic & acetic acids (Tukey’s HSD; p < 0.05). All other
guild groups were utilized in the same ratio regardless of month (Figure 9a). For oysters,
microbial communities showed significant temporal differences in utilization of all guild
groupings except for amines/amides (Tukey’s HSD; p < 0.01; Figure 9b). Microbial
communities of aggregates demonstrated significant temporal differences in utilization of
polymers, carboxylic & acetic acids, amino acids, and amines/amides (Tukey’s HSD; p < 0.05;
Figure 9c). Utilization of carbohydrates was the same among months. For AFSW, utilization of
carboxylic & acetic acids and amines/amides were not affected by month, but significant
temporal effects were found for utilization of carbohydrates, polymers, and amino acids (Tukey’s
HSD; p < 0.05; Figure 9d). In most cases where significant differences among months were
found, utilization of the specific guild was lower in November compared to that of the other
months.
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SIMPER Analysis – EcoPlates

Each sample type had moderate to low similarity among individuals when all months
were considered. Seasonal trends were seen when individual months were analyzed (Table 3),
with highest similarities occurring in September and July, and lowest similarities occurring in
November and March. Overall, AFSW samples were the least similar to one another, and marine
aggregate samples had a lower dissimilarity to AFSW than either bivalve had to AFSW. Mussel,
oyster, and marine aggregate samples had comparable levels of dissimilarity to each other (62 64%).

Comparison of mussel samples across months revealed that carbohydrates, amino acids,
and polymers explained 36.4%, 25.7% and 22.3% of the variation, respectively, whereas the
carbohydrate N-acetyl-D-Glucoside and the polymer Tween 40 contributed the most.
Dissimilarity between months varied between 30 - 50%. For oysters, polymers explained 41.6%
of the variation, and carbohydrates explained another 29.5%, with the polymers Tween 40 and
Alpha-cyclodextrin contributing the most. September vs. July had the lowest dissimilarity level
(23%), while all other comparisons ranged in dissimilarity from 72 - 80%. For marine
aggregates, polymers explained 42.8% of the variation, whereas carbohydrates explained another
29.5%, with the polymer glycogen and the carbohydrate D-cellobiose responsible for the most
variability. September and July had the lowest dissimilarity level (26%), and all other
comparisons varied in dissimilarity (53 - 73%). For AFSW samples, carbohydrates, polymers,
and amino acids explained 38%, 30%, and 20% of the variation, respectively, whereas the
carbohydrates D-cellobiose and N-acetyl-D-Glucoside contributed the most. September and July
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had the lowest dissimilarity level (40%) and all other comparisons ranged in dissimilarity from
72 - 84%.

Total Culturable Heterotrophic Bacteria & Bivalve Condition Index

Both month and sample type significantly affected the number of CFUs observed (2-way
ANOVA, p < 0.05). There was no significant effect of bivalve species on number of CFUs
except for in November; there was a significant effect of month (Tukey’s HSD, p < 0.05; Figure
10a). Marine aggregates had significantly higher numbers of CFUs ml-1 than AFSW samples
during all months (Figure 10b). The length, width, and condition of each organism by month are
presented in Table 5.

Video Analysis, Total Suspended Solids, & Organic Content

The content of total suspended solids was largely inorganic, with more particulate
organic material present during summer months (Sept. & July; Table 6). Video analysis revealed
a higher number of aggregates ml-1 on the ebb tide than the flood tide, and also in months with
warmer water temperatures (Table 6).

Discussion
Results from this study revealed that two species of bivalves (C. virginica and M. edulis),
held together in the same environment, shared a core gut microbiome which is at least partially
derived from the suspended particle diet (e.g., marine aggregates). Although temporal variability
was observed, animals harbored bacterial communities that were highly similar within each of
the four sampling dates. These trends were maintained at the phylum and OTU level. Genetic
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diversity of the microbial communities, based on the Shannon diversity index, was not
significantly different between summer and fall months for all sample types. Only samples in the
winter (March) had significantly lower genetic diversity. A similar result was seen with the
number of OTUs observed from each sample type.

Compared to studies on other marine organisms, bivalves from this study shared a higher
number of OTUs, 117. For example, tunicates from three distinct populations were found to
share 35 OTUs and zebrafish from three different locations shared 21 OTUs (Roeseler et al.
2011; Dishaw et al. 2014b). In a study comparing wild and domesticated tiger shrimp, 18 OTUs
were found to be shared (Rungrassamee et al. 2014). In this study a total of 117 OTUs were
shared among oysters and mussels from all seasons. These findings are supported by our
previous work (Pierce et al. 2016), which showed high similarities among oyster microbiomes
over space and time, with some seasonal variation. The sequencing results from the current study
also align with characterization studies of other oyster species (Trabal et al. 2014, Lokmer &
Wegner 2015).

Similar to the present study, Trabal et al. (2012 & 2014) found that the most abundant
bacterial phyla harbored by three species of adult oysters were Bacteroidetes, Proteobacteria,
Actinobacteria and Firmicutes; in particular Gammaproteobacteria dominated many of the
animals. Fewer OTUs, however, were recovered by Trabal et al. (2012 & 2014) compared to the
current study which could be attributed to use of different species of oysters and different
hypervariable regions of the 16S rRNA gene. King et al. (2012) also sequenced gut contents of
the oyster, C. virginica, and found microbial communities dominated by Mollicutes, Firmicutes,
Proteobacteria, Chloroflexi, and Verrucomicrobia. That study, however, lacked a temporal
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analysis and had a low sample size (n = 3). Research with mussels of the genus Brachidontes
also demonstrated the abundance of bacteria in the phyla Proteobacteria, Firmicutes, and
Tenericutes (Cleary et al. 2015), corroborating the current study.

Across all sample types, concentrations of culturable heterotrophic bacteria declined
significantly during months when the seawater temperature was colder. This result is in
agreement with other culture-dependent results of bivalve microbial communities (Pujalte et al.
1999, Cavallo et al. 2009, Zurel et al. 2011). More comprehensive results from 16S rRNA
sequencing, however, show that overall bacterial abundance did not decrease until March, when
sweater temperatures reached 3 °C. Although not as accurate a measure as culture-independent
methods, the concentrations of culturable heterotrophic bacteria from environmental samples did
highlight the contrast between aggregates and aggregate-free seawater. Aggregate-associated
bacterial communities are known to be highly diverse and aggregates harbor communities which
are “hot spots” of activity (Azam & Long 2001), a concept which was corroborated by the
marine agar results in this study. Due to problems getting environmental samples from winter
months to amplify, resulting in a paucity of sequencing data from March, data from culturedependent methods aid in our understanding of seasonal dynamics.

On a functional level, richness, diversity, and evenness of mussel microbiomes did not
change significantly with season. Utilization of most carbon guilds did not change over time, an
indication of stable functional roles. The SIMPER analysis also showed that diversity of the
microbiome (at the phylum level) was stable temporally. Such stability could be a result of
intrinsic factors of the host rather than extrinsic factors of the food source (i.e., aggregates,
AFSW) which did show temporal variation in genetic and functional diversity of the microbial
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communities. For example, in March > 80% of the microbes of aggregates were Cyanobacteria
whereas mussels harbored < 2% of these bacteria, indicating that food source is not the sole
driver of gut microbial community diversity. Mussels remain active during winter months (in
contrast to oysters) with clearance rates (L g–1 h–1) that can be similar between temperatures of
0.5 to 12 °C (Cranford et al. 2011). This physiological activity further supports the idea that
mussels are not completely reliant on the environment to maintain their gut microbial
communities, which can be decoupled from that of the suspended food source. These results
were in contrast to those of the microbial communities harbored in the oyster gut, which were
less stable functionally and followed a trend similar to the suspended particle diet.

Although the food source of bivalves may not be the driving factor maintaining the gut
microbiome, understanding the dynamic nature of bacterial communities of suspended particles
will shed light on initial and continual colonization of particle-feeding invertebrates. To do so,
characterizing aggregate-associated microbial communities is an important first step. A study of
marine aggregates from the northern Adriatic Sea targeting the 16S rRNA gene found that the
four most abundant groups in fall and winter were the Bacteroidetes, Cyanobacteria, and Alphaand Gammaproteobacteria (Vojvoda et al. 2014). Those phyla were three of the most abundant
bacterial groups found in the current study, despite differences in the physical and chemical
nature of the water bodies. Additionally, there was little seasonal variation in diversity of
bacterial communities of aggregates (Vojvoda et al. 2014), a finding similar to results of the
current study. These results could be attributed to the stable environment aggregates provide.
Characterization of unattached microbes in seawater has been more common, and carried out on
samples from different sites around the world. For example, Gilbert et al. (2012) found that
during all seasons Alphaproteobacteria was the most abundant class of bacteria in Atlantic
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waters off the coast of the UK. A similar study of surface and bottom waters in the Adriatic Sea
also found Alphaproteobacteria as the most dominant bacterial group (Tinta et al. 2014). Taken
together, these studies support the idea that marine aggregates harbor highly diverse microbial
communities that are distinct from the surrounding seawater.

Overall, the current study saw functional differences among microbial communities, both
seasonally and by sample type. Whereas genetic structure of the microbial communities
remained largely stable, especially at the phylum level, between the two species of bivalves.
Oysters and mussels harbored gut microbiomes that were more similar to one another than to the
microbiomes of the environmental samples. The most abundant bacteria belonged to phyla
commonly isolated from suspension-feeding bivalves by previous workers, despite some
differences likely attributable to species and geography. Core microbiomes have been found for a
number of marine vertebrates and invertebrates, including zebrafish, corals, and tunicates
(Roeselers et al. 2011, Rohwer et al. 2002, Dishaw et al. 2014b) and highlight the prevalence of
taxonomic redundancy in the microbial communities of these organisms. The high number of
core OTUs shared by oysters and mussels compared to other marine organisms may be explained
in part by their similar mode of feeding. In many cases, however, the bacteria harbored by
bivalves are distinct from the water column, and their conserved nature indicates that intrinsic
factors shape and mediate the gut microbiome as well. Further work probing these factors in an
experimental context, however, is needed to elucidate specific effects. Understanding the
patterns and processes that mediate the diversity of microbial communities will lead to better
insight into the intrinsic mechanisms that control bacterial-host interactions of aquatic
invertebrates.
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Tables & Figures

Figure 1. Settling cone assembly for collecting marine aggregates (left) and dock with
suspended baskets containing bivalves (right). Seawater was pumped from above baskets into the
settling cones which were suspended from an A-frame stand. A 15 ml Falcon tube (arrow)
attached to the bottom of the 1-L Imhoff cone was used to collect settled aggregates (> 200 µm).
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Table 1. Primers used in this study. From Caporaso et al. (2011).

Name

Primer Sequence 5’ -> 3’

Length

AATGATACGGCGACCACCGAGATCTACAC TATGGTAATT
515f

GT GTGCCAGCMGCCGCGGTAA

60

CAAGCAGAAGACGGCATACGAGAT XXXXXXXXXXXX
806r

AGTCAGTCAG CC GGACTACHVGGGTWTCTAAT
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68

Table 2. Null hypotheses and objectives associated with this study.

Objective
Null Hypothesis
Result
1: Assess differences in the A: Under field conditions in LIS, there is no
genetic and functional
difference in the genetic diversity of
Reject
diversity of aggregateaggregate- and oyster-associated microbial
and
oyster-associated
communities
microbial communities, B: Under field conditions in LIS, there is no
including at the phylum
difference in the functional diversity of
Fail to Reject*
and OTU level
aggregate- and oyster-associated microbial
communities
2: Assess differences in the A: Under field conditions in LIS, there is no
genetic and functional
difference in genetic diversity of aggregateReject
diversity of aggregateand
mussel-associated
microbial
and
mussel-associated
communities
microbial communities, B: Under field conditions in LIS, there is no
including at the phylum
difference in the functional diversity of
Reject
and OTU level
aggregate- and mussel-associated microbial
communities
3: Assess differences in the A: Under field conditions in LIS, there is no
genetic and functional
difference in genetic diversity of oysterdiversity of oyster- and
and
mussel-associated
microbial
Reject
mussel-associated
communities, including at the phylum and
microbial communities
OTU level
B: Under field conditions in LIS, there is no
difference in the functional diversity of
Reject
oyster- and mussel-associated microbial
communities
* No significant differences between functional diversity of aggregate- and oyster-associated
microbial communities except during one month (November) based on the Shannon diversity
index. No significant differences were seen based on richness.
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Figure 2. Dissimilarity between samples was measured using the Unweighted UniFrac distance
metric. Each sample type is represented by a unique symbol, (triangles = mussel guts, squares =
oyster guts, circles = marine aggregates, diamonds = aggregate-free seawater [AFSW]) and each
month represented by a unique shading (white = September, diagonal stripe = November, grey =
March, black = July). Percent variation explained by each axis is in parenthesis. Groupings are
largely dependent on sample type, with some overlap between the two bivalve species
(highlighted by ellipses).
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Figure 3. Microbial composition for each individual sample, with the 8 most abundant classified
phyla listed. B = Bivalves (mussels & oysters), MA = marine aggregates, AFSW = aggregatefree seawater.
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Figure 4. Heat map showing the abundances of different taxa, using the lowest taxonomic level
available. Lower case letters designate taxonomic level (o = order, f = family, etc.). Significant
differences in abundance between sample types are indicated by an asterisk next to that
taxonomic group (1-way ANOVA, p < 0.05). Individual samples are listed along the x-axis.
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Figure 5. (a) Shannon diversity index and (b) OTUs observed by sample type and month. Data
are represented as means ± SD. There was no significant effect of month on Shannon diversity
index values, except for in the month of March. Significant differences within a sample type
between months are designated with capital letters. Significant differences between sample types
within a month are designated by lowercase letters. A,B = mussels; d = oysters; Xx, Y = marine
aggregates. Where there are no letters, no significant effects were observed.
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Table 3. SIMPER Analysis for 16S rRNA gene sequencing (phylum level) and for EcoPlate
absorbance data.

16S - Phylum Level
Mussel
Oyster
Marine Aggregate
AFSW

88.2
87.0
83.9
92.3

Avg. Within Group Similarity
Sep
Nov
Mar
89.8
90.5
n=1
84.1
87.4
89.8
83.5
78.8
-

Jul
87.2
87.2
n=1
92.3

Avg. Dissimilarity Between Sample Types
Mussel Oyster Marine Aggregate AFSW
18.3
27.1
31.9
-

Sep v. Nov
15.2
13.2
13.6
-

52.0
43.7
54.6
37.9

Avg. Within Group Similarity
Sep
Nov
Mar
87.3
63.2
47.1
80.5
22.0
35.1
84.5
46.8
34.3
58.8
15.7
25.9

Jul
67.0
76.2
74.1
79.1

Avg. Dissimilarity Between Sample Types
Mussel Oyster Marine Aggregate AFSW
64.4
62.5
71.2
61.8
67.1
57.3
-

Sep v. Nov
30.2
79.6
52.1
71.5

EcoPlates
Mussel
Oyster
Marine Aggregate
AFSW

- Phylum
Dissimilarity Between 16S
Sample
TypesLevel
Oyster Marine Aggregate AFSW
Mussel
18.3
27.1
Oyster
31.9
- Marine Aggregate
AFSW -

EcoPlates
Dissimilarity Between Sample
Types
Oyster Marine Aggregate AFSW
Mussel
64.4
62.5
71.2
Oyster
61.8
67.1
- Marine Aggregate
57.3
AFSW -

88.2
87.0
83.9
92.3

Avg. Within
Group Similarity
Avg. Dissimilarity
Between Months by Sample Type Avg. Dissimilarity Between Sample Types
Mussel
Marine Aggregate AFSW
Sep v. Nov Sep v. MarNovNov v. Mar
SepJulv. Jul
Nov v. Jul
Mar v.Oyster
Jul
89.824.7 90.5 21.8n=1
87.2
- 24.8 18.3
27.1
15.2
18.6
19.2
84.1 87.4
87.2
31.9
13.2
- 17.1
18.0
89.826.3 83.5 33.278.8
n=1
13.6
20.0
23.0
27.2
- 92.3
- -

52.0
43.7
54.6
37.9

Avg. Within
Group Similarity
Avg. Dissimilarity
Between Months by Sample Type Avg. Dissimilarity Between Sample Types
Mussel
Marine Aggregate AFSW
Sep v. Nov Sep v. MarNovNov v. Mar
SepJulv. Jul
Nov v. Jul
Mar v.Oyster
Jul
87.343.0 63.2 50.947.1
67.0
- 43.8 64.4
62.5
71.2
30.2
32.6
41.5
80.577.2 22.0 71.635.1
76.2
61.8
67.1
79.6
22.6
78.7
77.1 84.572.6 46.8 69.134.3
74.1
57.3
52.1
26.0
52.7
68.0
58.876.7 15.7 83.925.9
79.1
71.5
40.4
73.4
77.0
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Se

Se

Figure 6. Venn Diagrams for three of the sample types from all months. Values in smaller
circles represent the core OTUs for that sample type, whereas values in larger circles represent
the total number of OTUs found. Core OTUs are defined here as those shared by 95% of
samples. OTU values between sample types are shown as core OTUs shared by 95% of samples
out of the total number of OTUs found. Data for AFSW were not used in the comparison because
only July samples amplified.
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Figure 7. Venn diagrams showing number of OTUs within mussels (a), oysters (b), and marine
aggregates (c). Values in smaller circles represent the core OTUs for a given month, whereas
values in larger circles represent the total number of OTUs sequenced. Core OTUs are defined
here as those shared by 95% of samples. Values between months are those OTUs shared by 95%
of samples out of the total number of OTUs for all overlapping samples. Months (Sep, Nov, Mar,
Jul) are indicated.
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Figure 8. Richness of carbon sources utilized by heterotrophic microbial communities (optical
density > 0.25 at 168 h reading) (a) and Shannon Index (b) for all samples collected across all
months. Different capital letters represent significant differences between months, whereas
significant differences between sample types within a month are indicated by lower case letters.
Data are presented as means ± SD (n = 6 per sample type, per month).
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Table 4. EcoPlate mean evenness values ± SD for sample types by month.

Mussels
Oysters
Marine
Aggregates
AFSW

SEP
0.97 ± 0.007

NOV
0.96 ± 0.021

MAR
0.81 ± 0.40

JUL
0.99 ± 0.004

0.94 ± 0.057

0.45 ± 0.50

0

0.98 ± 0.003

0.97 ± 0.007

0.96 ± 0.025

0

0.98 ± 0.008

0.95 ± 0.026

0.66 ± 0.45

0.21 ± 0.42

0.97 ± 0.004
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Figure 9. Carbon source utilization ratios of microbial communities, organized by guild
groupings, for each of the sampled months. Ratios were calculated by dividing utilization of each
guild by total number of wells utilized (richness, S). Sample types are mussels (a), oysters (b),
marine aggregates (c), and AFSW (d). Data are presented as means ± SD (n = 4 - 6 per data
point). Different letters denote significant differences (p < 0.05) in utilization ratios between
months (Tukey’s HSD).
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Figure 10. Colony forming units (CFUs) ml-1 of culturable heterotrophic bacteria in samples
from mussel and oyster gut tissues (a), and marine aggregates and AFSW (b). Capital letters
designate significant differences between months, whereas lowercase letters designate significant
differences between sample types within a month. The number of heterotrophic bacteria
decreased in months with colder water temperatures for all sample types. Oysters and mussels
had significant differences in the number of CFUs in their guts only in November. In all months,
marine aggregate samples had significantly more CFUs ml-1 than AFSW. Data are presented as
geometric means ± geometric SD (n = 4-6).
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Table 5. Mean ± SD length, width, and condition of oysters and mussels from each sampling
time point.

Month

CI

length (mm)

width (mm)

Oysters

Mussels

Oysters

Mussels

Oysters

Mussels

Sep

60.5 ± 10

68.2 ± 6.1

96 ± 7.2

42.7 ± 1.7

80.5 ± 10.9

24 ± 1.4

Nov

51.4 ± 8.6

59.8 ± 18.6

95.7 ± 6.6

41.6 ± 2

76.4 ± 8.2

22.2 ± 0.4

Mar

54 ± 11.7

105.8 ± 23.4 91.6 ± 4.4

46 ± 2.1

76.1 ± 8.4

24 ± 1.4

Jul

48.1 ± 15.4

92 ± 20.5

49.7 ± 1.6 83.1 ± 11.9

103 ± 8.6
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25.3 ± 1.3

Table 6. Particulate organic material (POM) and particulate inorganic material (PIM) content of
total suspended solids (TSS) for each month (n = 8) as determined by loss on ignition. Number
of aggregates per mL, temperature, and salinity are ranges from across the tidal cycle when
samples were collected (i.e., flood and ebb tide values respectively).

TSS
Month

(mg/L)

POM (%)

PIM (%)

# of
aggregates
/mL

Temp (°C)

Sep

9.5 ± 4.8

21.8 ± 3.3

78.2 ± 3.3

15.9 - 62.5

17.8 – 18.4

29.2 – 29.5

Nov

7.1 ± 2

17.5 ± 2.5

82.5 ± 2.5

N/A

8.9 – 9.3

30 – 30.2

Mar

8.1 ± 1.5

19.2 ± 9

80.8 ± 9

8.9 - 9.1

2.2 – 3.1

28.1 – 29.2

Jul

11.4 ± 3

24.9 ± 3

75.1 ± 3

20.4 - 38.6

19.6 – 20.3

28.6
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Chapter 4: Antibiotic disturbance of the gut microbiome: Impact on digestive
physiology of the host, Crassostrea virginica (Gmelin)
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Abstract
The effect of an antibiotic disturbance in the oyster gut microbial community on host
digestive enantiostasis was evaluated. In other organisms, dysbiosis in the gut has been linked to
negative physiological impacts, including inflammatory bowel disease, autoimmune disorders,
and allergies. To investigate the influence microbiome diversity has on oyster physiology, four
groups of oysters were tested, including an initial population control, an experimental control, an
inactivated antibiotic control, and an active antibiotic treatment. Oysters were kept for five days
in individual sterile microcosms with sterile diet and seawater. A cocktail of three antibiotics was
used to alter the gut microbial community, as assessed by 16S rRNA gene amplicon sequencing
and Biolog EcoPlates. Post-disturbance, oyster digestive glands were dissected and used to
assess differences in absorption efficiency of organic matter, total protein content, cellulase,
amylase, xylanase, and non-specific protease enzyme activity between treatments. No significant
differences were seen between treatments except for xylanase activity. Antibiotic and control
treatment oysters were > 60% dissimilar at the phylum level based on SIMilarity PERcentage
(SIMPER) analysis. Results suggest that functional redundancy of gut microbial communities
may contribute to physiological enantiostasis even after a disturbance. Additionally, longer term
experiments may be necessary to discern treatment effects as lysed bacteria can still contribute to
the overall enzymatic activity in the gut over short time-scales. Bacterial-bacterial and bacteriaanimal horizontal gene transfer may also play a role in maintaining metabolic plasticity in the
case of disturbances.
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Introduction
Ecological studies investigating the microbial communities of aquatic organisms have
begun to shed light on the patterns of microbiomes over spatial and temporal scales (Dishaw et
al. 2014a, Tout et al. 2014, Trabal et al. 2014, Pierce et al. 2016, Cleary et al. 2015). Many of
these studies, however, lag behind those of terrestrial organisms in that they are unable to relate
their findings to host enantiostasis. While it is understood that microbiota contribute significantly
to digestion, immune development, and protection of the host (Harris 1993, Guarner &
Malagelada 2003, Dillon & Dillon 2004, Kau et al. 2011), their specific impact on the
physiology of many marine invertebrates is still unknown.

The relationship between the gut microbiota and host digestion has been extensively
studied for a number of vertebrates from fish to humans (Rawls et al. 2004, Turnbaugh et al.
2006, Ley et al. 2008a & 2008b, Muegge et al. 2011). The coevolution of gut microbes and their
hosts has given rise to a mutually beneficial symbiosis, where the bacteria are provided a stable
environment and a constant supply of nutrients, and the host receives enhanced digestive
capabilities (Ley et al. 2008a, Neish 2009). In mammals, as in others, gut bacteria aid in the
digestion of food by producing enzymes the host is not able to create, specifically for degrading
polysaccharides (see review: Flint et al. 2008). Research has largely focused on the bacterial
fermentation these complex carbohydrates, as it results in the production of short chain fatty
acids, which the host is able to utilize for energy. These short chain fatty acids account for up to
15% of host energy requirements (Neish 2009). Firmicutes and Bifidobacteria have been
implicated as microbes which are especially adept at this process (Neish 2009). For example,
many newborn infants rely on breast milk for survival, but are unable to endogenously digest
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oligosaccharides in the milk (Engfer et al. 2000). These carbohydrates are readily utilized as a
substrate by Bifidobacteria in the gut, bacteria that are known to be enriched in infants (Sela et
al. 2011). Further, these bacteria have been shown to produce glycosidases, an enzyme which
catabolizes complex carbohydrates (Davis et al. 2016). In mammals, diet has been implicated as
a major factor in determining gut composition (Ley et al. 2008b).

Using (germ-free) mouse models, much work has been carried out in mammals on the
connections between gut microbiota and host physiology. For example, a shift in phylogenetic
diversity from Firmicute dominated gut communities to a Bacteroidetes dominated microbiome
has been linked to obesity (Ley et al. 2005, Turnbaugh et al. 2008). The mechanism is based
largely on the ability of microbes to extract and store energy from diets at different rates
(Turnbaugh et al. 2006, Jumpertz et al. 2011). Further, gut microbiota have been shown to
regulate the expression of host genes involved in nutrient uptake and metabolism (Hooper et al.
2001). Specifically, microbes in the gut have the ability to turn on and off host genes which store
fat in adipocytes, such as in response to periods of starvation (Bäckhed et al. 2004, Kau et al.
2011). Deviation from the normal gut microbiota has been linked to other negative physiological
impacts on the host, including inflammatory bowel disease, autoimmune disorders, and allergies
(Guarner & Malagelada 2003).

In the aquatic environment, the role of gut microbiota in finfish has been well studied
(Gomez & Balcazar 2008) and contains many analogs to results documented for humans. For
example, the composition of the gut microbiome of fish has also been shown to be influenced by
diet (Ringø et al. 2006, Desai et al. 2012). As with humans, Desai et al. (2012) found that a plant
based diet caused an increase in Firmicutes. Unlike humans, however, the natural gut of many
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fish species is dominated by Proteobacteria rather than Firmicutes (Sullam et al. 2012). This
shift may be related to a need for enzymes to digest plant polysaccharides when the diet was
altered. Microbial production of amylase, protease, lipase, and chitinase are well documented
across a range of fish species (for review see Ray et al. 2012). These studies, however, are less
defined in linking microbial diversity to host physiology than studies involving mammals.

For invertebrates, the most well studied models are obligate symbioses between hosts and
bacteria that perform specific energetic functions, such as those in “shipworms,” termites,
leeches, and hydrothermal-vent organisms (Graf et al. 2006, Warnecke et al. 2007, Dubilier et al.
2008, O’Connor et al.

2014). For example, clams from the genus Solemya harbor

chemosynthetic symbionts, which provide energy for the host in the absence of a gut (Dubilier et
al. 2008). A suite of symbionts in the termite gut hydrolyze cellulose and xylan, as wood
comprises the majority of their diet (Warnecke et al. 2007). Outside of these specific examples,
the role of gut bacteria remains similar across invertebrates. In their review of insect microbiota,
Dillon & Dillon (2004) state, “Nutritional contributions [of microbial endosymbionts] may take
several forms: improved ability to live on suboptimal diets, improved digestion efficiency,
acquisition of digestive enzymes, and provision of vitamins.” Specific examples from the marine
environment include the sea cucumber, Apostichopus japonica, which maintains gut microbiota
that produce amylase, cellulase, protease, and lipase enzymes for digestion (Fenghui et al. 2016).
Many of these enzymes are the metabolic products of resident Bacillus spp., as well as other
bacteria from the Bacillaceae family (Fenghui et al. 2016). Commonly, as in the abalone
Haliotis midae, both endogenous and exogenous enzymes are produced (Erasmus et al. 1997).
Polysaccharide digestion, however, is increased by the presence of bacteria, due to their
production of laminarase, amylase, and other polysaccharases (Erasmus et al. 1997). As
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polysaccharides are components of algae, the ability of marine herbivores to efficiently
catabolize them is essential for energy acquisition.

In bivalves, the presence of a number of digestive enzymes has been documented,
including amylases, cellulases, proteases, lysozymes, laminarases, chitinases, lipases, and
xylanases (Mathers 1973, Langdon & Newell 1996, Ibbarola et al. 1998, Arambalza et al. 2010,
Adeyemi & Deaton 2012, Sauey et al. 2015). Although enzyme activity has been used as a
common biomarker in research, many studies do not differentiate between those produced by the
host and those produced by the gut microbiota. A few have focused on teasing apart host versus
microbe enzyme production (Shivokene et al. 1986, Seiderer et al. 1987, Lawry 1987), and these
studies utilized antibiotics as a way to assess the microbial contribution to enzyme production.
For example, the digestion of cellulose and the absorption of carbon have been measured in C.
virginica oysters with and without antibiotics, and bacteria in the gut have not been found to
contribute significantly to this process (Newell & Langdon 1986). Chitinase has also been shown
to be produced endogenously by C. virginica (Mayasich & Smucker 1987). These studies and
others have focused on enzyme activity in the context of diet, starvation, and stressors as well as
seasonal and species-specific trends. Although informative for their time, they lacked the cultureindependent methods currently needed to evaluate the complex effect of antibiotic disturbance on
the gut bacterial communities of bivalves. Furthermore, none have investigated the specific
impact of microbial disturbance on host enantiostasis.

Ecological theory suggests a positive relationship between species richness and
ecosystem functioning (Chapin et al. 2000). Similarly, in the gut environment, a disturbance or
reduction in microbial richness may result in negative implications for host physiological
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functions. The current study was motivated by the idea that such an impact on host enantiostasis
could occur with respect to digestive enzymes. A decrease in the host’s nutrient absorption could
result in a number of downstream consequences such as alteration of the host’s physiological
energetics, thus impacting growth and reproduction. Specifically, this project was designed to
address the hypothesis that a change in microbial diversity of the gut would result in a change in
the ability of oysters to absorb organics from their algal diet and reduce the overall activity of
digestive enzymes in the gut.

Methods
Oyster Collection

Eastern oysters, Crassostrea virginica (Gmelin), were obtained from the Noank
Aquaculture Co-op in Noank, CT. Animals were re-located to the docks at The University of
Connecticut, Avery Point in Groton, CT. Oysters were kept in baskets suspended from the dock
at a depth of 1 m and held for a minimum of one month before the start of the experiment. Seven
oysters per group were used, based on previous 16S rDNA sequencing results which showed
high similarity among oyster gut microbiomes (Chapter 3 – Pierce & Ward in prep).

Experimental Design

Several experimental treatments were established including a control group (no
antibiotics delivered), an active antibiotic group, and an inactivated antibiotic group - to control
for innate effects of the antibiotics on oyster physiology. Antibiotic cocktails (see below) were
administered for 4 days, followed by one day of depuration in sterile seawater. An initial
population group was additionally established as an environmental control that provided data for
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physiological values as close as possible to natural populations. Major differences were that
initial population oysters were placed in microcosms with raw seawater instead of sterile
seawater and held for only two days instead of five to acclimate oysters to the experimental diet
before feces collection and organism dissection. As enzyme activity is affected by diet (Ibarrola
et al. 2000, Kreeger & Newell 2001), acclimating all treatment groups to the same food was
necessary for comparison.

Microcosm Design

An individual isolation system was developed and employed (Figure 1). Microcosms for
individual oysters were constructed from glass jars (3.8 L). Lids for each jar were made, with a
narrow opening for air tubing, and an overhanging lip so they sat inside the jar mouth.
Microcosms were assembled and attached to gang valves containing a 0.22 µm Whatman filter
on the incurrent air supply. A plastic grid (ca. 2 cm) was placed on the bottom of each jar and
served as a stand on which individual oysters were placed. Grids were used to elevate oysters
above the biodeposits they produced. Prior to the experiment, all components of the microcosms
(jars, air tubing, gang valves, grids, glass pipettes (5 ¾”) and jar lids) were sterilized by
submerging in a 10% bleach solution (0.825% sodium hypochlorite) for one hour. 3% (w/v)
sodium thiosulfate was then added to neutralize the bleach followed by an additional hour of
soaking. Finally, all equipment was rinsed with 0.22 µm filter sterilized seawater to remove
residual chlorine by binding it to calcium ions in the seawater and air dried.

Microcosms were placed on shelves in an environmental chamber at 22 °C with indirect
lighting on a 12 h on/12 h off schedule. Prior to the start of the experiment, oysters were
scrubbed with DI water to remove epibionts and cleaned with 70% ethanol to kill bacteria on the
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outside of the shell. One oyster was then placed in each microcosm. Microcosms were filled with
3 L of sterile, autoclaved seawater. Each morning prior to daily feeding, feces and pseudofeces
were removed from each microcosm, and a 100% water change was performed with sterile
seawater. Animals were left to acclimate after water changes for a minimum of 30 min before
food was added.

Feeding

A sterile stock diet suspension was created by mixing Shellfish Diet 1800 (Reed
Mariculture Inc; ca. 2 billion cells ml-1) with 0.22 µm filtered seawater. Shellfish Diet 1800 is a
pre-formulated mix of the marine microalgae Isochrysis sp., Pavlova sp., Tetraselmis sp.,
Chaetocerous calcitrans, Thalassiosira weissflogii, and Thalassiosira pseudonana. Additional
sterile Thalassiosira weissflogii cultures were used to achieve an overall organic:inorganic ratios
suitable for assessing absorption efficiency (MacDonald et al. 1998). T. weissflogii cultures were
sterilized by boiling for 5 min while Shellfish Diet stocks were sterilized by microwaving for 10
min. Cell counts for each diet were checked with an electronic particle counter (Multisizer;
Beckman Coulter, Inc.). Oysters were fed 10,000 cells ml-1 of each diet, 5 times daily for 5 days.
Cell concentrations were chosen to minimize pseudofeces production and thus rejection of the
inorganic fraction. Oysters were acclimated to non-sterile versions of these diets on a drip feed
(ca. 200,000 cells ml-1 for each diet) for 5 days prior to the start of the experiment.

Antibiotic Treatment

A cocktail of three antibiotics was added to microcosms of the antibiotic treatment group
every 12 h for four days, followed by 24 h of depuration. Antibiotics were delivered to each
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microcosm with the first and last feedings of each day. Stock solutions of streptomycin (targets
bacterial protein synthesis; Sigma-Aldrich), cefotaxime (targets bacterial peptidoglycan
synthesis, and synergistic with streptomycin; Santa Cruz Biotechnology), and ciprofloxacin
(targets bacterial nucleic acid synthesis; Sigma-Aldrich) were made up fresh each morning in
Milli-Q water. Total daily dose of antibiotics per oyster was as follows: 30 mg streptomycin (or
10 µg ml-1 seawater), 3.5 mg cefotaxime (1.17 µg ml-1 seawater), and 9 mg ciprofloxacin (3 µg
ml-1 seawater). Preliminary experiments informed the use and dosage of these antibiotics (data
not shown).

Inactivated antibiotic stocks were made up in Milli-Q water prior to the experiment, at
the same concentration as active antibiotic stocks. Streptomycin and cefotaxime solutions were
inactivated by autoclaving for 60 min @ 121 °C (Zorraquino et al. 2008). Ciprofloxacin is heat
stable and was inactivated by placing the powder under a full spectrum lamp for 5 hours before
dissolving in Milli-Q water. Inactivated antibiotics were delivered using the same protocol used
for the active antibiotics. Control oysters received 6 ml of Milli-Q water.

Oyster Dissections

At the end of the experiment oysters were removed from their microcosms and dissected
immediately. Aseptic techniques (Greenberg & Hunt 1985) were performed to prepare and open
animals as outlined in Pierce et al. 2016 and Pierce & Ward in prep (Chapter 3). Pallial cavities
were rinsed with sterile Phosphate Buffered Saline (PBS) and whole digestive gland and guts
(henceforth referred to as “gut”) were dissected out and transferred to sterile petri dishes. Guts
were bisected laterally and crystalline styles removed when present. The crystalline style is
dissolved and re-formed and thus is not always present (Bernard 1973). Additionally, the style is
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involved in extracellular, not intracellular digestion as in the digestive gland, resulting in
differences in enzyme activity (Ibarrola et al. 1998). To avoid confounding effects due to these
reasons and due to splitting the digestive gland in two, the styles were omitted from analysis.
One half was flash frozen (liquid N2) for future digestive enzyme analyses (see below). The
remaining half was ground and diluted in PBS following procedures outlined in Pierce et al.
2016 and Pierce & Ward in prep (Chapter 3). Prior to dilution, 500 µl aliquots of homogenized
gut samples were removed and frozen at -80 °C for molecular analysis. Diluted gut samples were
used for EcoPlate analysis.
Community-Level Physiological Profiling (Biolog EcoPlatesTM)

Biolog EcoPlates assess heterotrophic microbial community functional diversity, defined
as the potential catabolic activity, by evaluating the number (substrate richness; S) and pattern of
carbon source utilization by the community (Zak et al. 1994). The EcoPlate contains a triplicate
series of 31 unique carbon sources (ten carbohydrates, nine carboxylic acids, four polymers, six
amino acids, and two amines/amines) plus a control well (with no substrate).

Prior to inoculation, dilutions of samples were prepared to minimize the false positive
effects of divalent cations while maximizing bacterial community diversity (Pierce et al. 2014,
2016). Aliquots (150 µl) of gut samples were inoculated into EcoPlates, incubated in the dark at
21 °C, and read as outlined in Pierce et al. (2016).

Absorbance values from 168 h readings were chosen as the end point and corrected for
color change in the control wells as outlined in Insam & Goberna (2004). Calculations of
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richness (S), the number of substrates utilized by the microbial community of the sample, were
determined following the protocols outlined in Zak et al. (1994) and Lyons et al. (2010).

Digestive Gland Preparation

Previously frozen digestive gland tissues were freeze dried (2 days, -60 °C). Tissues were
then ground on ice in 0.1M citrate-phosphate buffer (with 20 mM NaCl), pH 6, and centrifuged
(4 °C) at 4,000 rpm for 30 minutes (Arambalza et al. 2010). The supernatant was removed and
used for all assays.

Total Protein & Specific Enzyme Assays

A modified Lowry Method was used to assess total protein content of each digestive
gland tissue (Pierce Modified Lowry Protein Assay Reagent Kit, Thermo Scientific). Samples
were measured at 750 nm. Bovine Serum Albumin was used to create a standard curve from 0 –
500 µg ml-1.

For all enzyme assays, an incubation time of 40 min was used for each of the substrates
and incubation temperature was the same as the microcosm seawater (22 °C) during the
experiment. Enzyme extracts were diluted to 15% with citrate-phosphate buffer prior to analyses.
Non-specific protease activity was determined using the Kunitz method, with 1% casein used as
a substrate (Ibarrola et al. 1996, Ibarrola et al. 1998, Kunitz 1947). Tyrosine was used to create a
standard curve in a concentration range of 0 – 400 µg ml-1 and samples were measured at 280
nm.
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Carbohydrase activities (amylase, cellulase, and xylanase) were determined using an
adapted Nelson-Somogyi method (Dr. Irrìntzí Ibarrola - personal communication, Somogyi
1952, Nelson 1944, Ibarrola et al. 2000). Briefly, 0.5 mL of dilute extract was mixed with 0.5
mL of 0.4% (w/v) starch, carboxymethyl cellulose (CMC), or xylan substrates. Samples were
incubated as described above, and the reaction was halted with Somogyi’s copper reagent, made
fresh. Samples were then heated to 90 °C for 15 min, cooled, and 2 ml of arsenomolybdate color
reaction was added. After agitation of the tubes, they were centrifuged and the supernatant was
measured at 660 nm. A maltose standard curve (0 – 400 µg ml-1) was used for all three assays.

Activity was determined by dividing the concentration of reducing sugars produced by
the incubation time (mg substrate h-1). To determine the specific activity of each substrate,
activity was standardized based on protein content of the sample (mg substrate h-1 mg protein-1).

Absorption Efficiency

Feces were collected from each microcosm after the oyster was removed for dissection
and filtered onto pre-ashed, pre-weighed GF/C filters. Filters were then washed with 10 ml of
isotonic ammonium formate (3.5%) to remove residual salts. Filters were placed in a drying oven
(70 °C) and dried to a constant weight. Filters were ashed at 450 °C for 3 h and weighed again.
Samples of the diet and the microcosm water were analyzed similarly, and the proportion of
organic matter in all samples was calculated.

Absorption efficiency (AE) values for each oyster were calculated using the Conover
(1966) method:
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AE =

(F − E)
× 100
(1 − E)× F

Where: AE is the absorption efficiency (%), F is the proportion of organic matter in the food
(ash-free dry weight:dry weight ratio), and E is the proportion of organic matter in the feces (ashfree dry weight:dry weight ratio).

DNA Extractions, Library Preparation & Amplicon Sequencing

Aliquots (250 µL) of digestive gland solutions were extracted using the PowerFood
Microbial DNA Isolation Kit (MO BIO Laboratories, Carlsbad, CA). DNA was subjected to a
two-step PCR. First, the 16S rRNA gene (V4 region) was amplified using 515f/806r primers
(Ultramer DNA Oligos, Integrated DNA Technologies, Inc., Caralville, IA) previously
established

by

Caporaso

et

al.

(2011).

ACACTCTTTCCCTACACGACGCTCTTCCGATCT

Primers
on

the

included
forward

the

overhang

primer

and

GTGACTGGAGTTCAGACGTGTGCTCTTCCGATCT on the reverse primer for later addition
of sequencing and indexing adapters. Samples were amplified using GoTaq colorless master mix
(Promega Corp.). The PCR reaction was incubated at 95 ˚C for 3 minutes, then 30 cycles of 30 s
at 95.0 °C, 30 s at 55.0 °C and 90 s at 72.0 °C, followed by final extension at 72.0 °C for 10
minutes. The second step PCR was performed using primers that matched the overhang plus
Illumina p5/p7 and dual indexes (Lange et al. 2014). Briefly, the PCR reaction was incubated at
95 ˚C for 3.5 minutes, then 8 cycles of 30 s at 95.0 °C, 30 s at 50.0 °C and 90 s at 72.0 °C,
followed by final extension at 72.0 °C for 10 minutes.

DNA was quantified using the Quant-iT PicoGreen kit (Invitrogen, ThermoFisher
Scientific). Bacterial amplicon libraries were prepared and sequenced on an Illumina MiSeq at
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The Microbial Analysis and Research Services (MARS) facility (University of Connecticut).
Libraries were prepared as described by Caporaso et al. (2012) using a 2 x 250 bp paired end
protocol.

Bioinformatics

Samples were demultiplexed on the MiSeq and processed using the Quantitative Insights
Into Microbial Ecology (QIIME, v. 1.9.1) pipeline (Caporaso et al. 2010). Greengenes (13_8
release; DeSantis et al. 2006) was used as a reference database for the taxonomic assignment of
Operational Taxonomic Units (OTUs) based on 97% sequence similarity.

Alpha and beta diversity analyses were performed using Shannon, Simpson, Bray Curtis,
and UniFrac metrics. Core microbiomes were computed in Qiime using the command
“compute_core_microbiome.py” and were defined as the OTUs present in 95% of the samples
for each treatment. All core analyses had OTUs identified as chloroplasts removed before
creating venn diagrams. The practice of removing sequences identified as Cyanobacteria and
eukaryotes (chloroplast and mitochondrial 16S rDNA from algal cells) has been used in other
studies (King et al. 2012) for downstream analyses.

Similarity Percentage (SIMPER) Analysis

Taxonomic abundance data at the phylum level was evaluated, with Cyanobacteria
removed from analyses. Removal of Cyanobacteria was performed as they likely represent the
environmental contribution, and not a component of the resident microbial community. The
program PRIMER (v.6) was used to run one-way SIMPERs with a cutoff of 90% using the BrayCurtis similarity resemblance measure.
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Statistical Analysis & Hypotheses

A number of working hypotheses were created which informed this project. Null
hypotheses and objectives are outlined in Table 1.

A General Linear Model (GLM) was used (Systat 13) to test the independent effect of
treatment on Shannon diversity index, OTUs observed, richness of carbon substrates utilized,
absorption efficiency, total protein content, and individual enzyme activities. One-way analysis
of variance tests (ANOVA) were performed, and if a significant effect was detected a Tukey’s
HSD post hoc test was performed to examine differences between the levels of the independent
variable (treatment). Significance was assessed using an alpha level of 0.05.

16S rRNA gene sequencing abundance data was used to create boxplots using the
software package Statistical Analysis of Metagenomic Profiles (STAMP). A one-way ANOVA
was performed to examine the effect of treatment on bacterial abundance at multiple taxonomic
levels (STAMP v.2.1.3). If a significant effect was detected, a Tukey-Kramer post hoc test was
applied. Significance was assessed using an alpha level of 0.05.

Results
Community-Level Physiological Profiling (Biolog EcoPlatesTM)

A significant effect of treatment was found on aerobic, heterotrophic gut microbial
community richness (1-way ANOVA, p < 0.001). The active antibiotics treatment had
significantly lower richness values than the other three treatments, and the initial control group
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was significantly higher than both the experimental control and the inactive antibiotics groups
(Figure 2; Tukey’s HSD, p < 0.01).

16S rRNA Gene Amplicon Sequencing

Community Composition

Bacterial community composition in oyster gut samples as determined by sequencing of
16S rDNA grouped by treatment when evaluated by Principal Coordinate Analysis (PCoA) using
the unweighted UniFrac metric (Figure 3). Overlap between the inactive and active antibiotic
samples was apparent, and they grouped separately from the control and initial samples. Most
abundant bacterial phyla by treatment were Proteobacteria for the control group (> 60%) and
inactive antibiotic group (> 35%), and Cyanobacteria for active antibiotic group (> 40%) and
initial population group (>50%) (Figure 4). Initial population and control groups maintained
Proteobacteria classes in the same ratios, with Alpha- (> 46%) and Gammaproteobacteria (>
33%) being the most abundant (Figure 5). Inactive and active antibiotic groups also maintained
Proteobacteria class ratios similar to one another, although they were different from the control
and initial population groups. In those treatments Alpha- and Betaproteobacteria accounted for >
12% and > 78% of the total abundance of Proteobacteria, respectively (Figure 5).

Differences in OTU diversity and relative abundance between treatments

A total of 681 OTUs were recovered from all samples. Differences in the mean number
of OTUs observed and the Shannon diversity index were observed among treatments. Samples
within the active antibiotic group had significantly lower Shannon diversity indices and number
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of OTUs observed compared to the control and initial groups (Figure 6; 1-way ANOVA, p <
0.05).

Core OTUs, defined as those present in 95% of samples, were found for all treatments.
Oysters in the control and initial population groups had the highest number of core OTUs within
a treatment (Figure 7). Between treatments, control and initial population samples also shared the
highest number of core OTUs. Across all oysters from all treatments only one OTU was shared,
from the family Methylobacteriaceae (OTU id: 237209). Initial population oysters had a core
microbiome which accounted for 7.9% of the total OTUs sequenced, followed by control,
inactive, and active treatments at 4.5%, 1.7%, and 1.5% respectively (Figure 7).

Mycoplasma OTUs belonging to the phylum Tenericutes were absent in oysters from the
active and inactive antibiotic groups, while they were somewhat abundant in oysters from the
control and initial population groups (1 - 5% of total sequences). Bacteria which were more
abundant in active antibiotic samples compared to controls included Streptococcus, Chlamydia,
Firmicutes and OTUs from the family S24-7. In contrast, mean abundance of nine Phaeobacter
OTUs in control and initial population samples were significantly higher than in oysters treated
with active and inactive antibiotics (Figure 8). Controls also maintained higher abundances of
OTUs belonging to the Oceanospiralles and Spirocheates.

Similarity Percentage (SIMPER) Analysis

Average abundance of Cyanobacteria was the lowest in the control group (< 10%) and
increased in both inactive and active antibiotic groups (up to 44%). Oysters from the initial
population maintained the highest average abundance of Cyanobacteria at 53%. When SIMPERs
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were run without Cyanobacteria, Alpha- and Gammaproteobacteria contributed most to
dissimilarity between treatments. Chlamydiae and unclassified bacterial abundances increased
while Tenericutes decreased to zero in inactive and active antibiotic groups compared to the
control group (Table 2). Spirochaetes, Epsilon- and other Proteobacteria completely disappeared
from the active antibiotic group.

Digestive Physiology

Absorption Efficiency

No significant effect of treatment was seen on corrected absorption efficiency values of
oysters (Figure 9; 1-way ANOVA, p > 0.05).

Digestive Enzymes

No significant effect of treatment was seen on total protein content values in the gut of
oysters (Figure 10; 1-way ANOVA, p > 0.05). No significant effect of treatment was seen on
non-specific protease activity, specific cellulose or amylase activity (Figure 11; 1-way
ANOVAs, p > 0.05). There was a significant effect of treatment on specific xylanase activity (1way ANOVA, p < 0.001). Post hoc analysis revealed that xylanase activity of oysters in the
control group was significantly higher than that of oysters in all other groups (Figure 11; Tukey’s
HSD, p < 0.01).

Discussion
Antibiotic alteration of the gut microbiome of oysters was successful as evaluated by
genetic and functional diversity of the microbial communities. Sequencing results showed a
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reduction in the Shannon Diversity Index in the active antibiotic treatment when compared to the
experimental control. Simper analysis revealed > 60% dissimilarity between control and
antibiotic treatments at the phylum level. Fewer OTUs were present in the gut of oysters treated
with antibiotics, and they harbored a smaller core microbiome compared to initial and
experimental controls. Additionally, richness (S) of carbon substrates utilized by the
heterotrophic microbial community was significantly lower in the antibiotic treatment compared
to all three controls, indicating lower potential catabolic activity of the microbiome.

The enzyme activity and Shannon diversity of gut microbiomes of initial and inactive
antibiotic control groups were lower than hypothesized. Despite heat and light inactivation of
antibiotics, there was still a reduction in number and diversity of OTUs in those oysters,
indicating that some proportion of the antibiotic cocktail was likely still active. Initial population
oysters were sourced during the month of November, and their physiological activities may have
already begun to decrease due to low seawater temperatures (12 °C).

Differences in bacterial community composition between initial and experimental control
oysters could be attributed to environmental influences. In this study, as in other studies (e.g.,
King et al. 2012), Cyanobacteria were removed from a number of analyses because they are
likely food source for oysters and not resident members of the gut microbial community. At the
class level, the majority of Cyanobacteria sequences identified as chloroplasts, eukaryotic algal
cells. In addition, their overall abundance diminished when oysters were kept in microcosms.
Sequencing results from experimental control oysters most accurately represent the resident
microbiota (i.e., those that colonize) of the gut under the conditions of this experiment. As has
been observed in oysters and other marine organisms, the microbiome can shift with changes in
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seawater temperature and salinity (Chapter 2 - Pierce et al. 2016, Chapter 3 - Pierce & Ward in
prep, Schmitt et al. 2015). As oysters were maintained in a sterile environment over the course of
multiple days, microbes attributed to food and seawater would have been depurated, leaving only
the resident microbiota.

The antibiotic disturbance imposed during this study did not contribute to significant
differences in absorption efficiency or cellulase, amylase or non-specific protease activity in the
digestive gland of oysters compared to undisturbed oysters. Xylanase activity, however, was
significantly lower in disturbed oysters compared to the experimental control. Within treatment
variation was high for enzyme assays, and may have confounded potential between treatment
effects.

Lack of significant physiological differences between treatments could be the result of
several factors. First, the current study may not have been carried out long enough for
physiological effects to be evident. Although gut microbiome abundance and diversity shifted, a
reflection in the digestive capabilities may need longer to take effect. In her review of the
microbial communities of aquatic invertebrates, Harris (1993) noted, “Lysed microbes may,
however, contribute enzymes that remain active in the gut, i.e., acquired bacterial enzymes
(Martin 1984), and these may provide the host with additional digestive abilities.” Second, there
may be sufficient functional redundancy in the gut microbiome to account for shifts in the
bacterial community without a resulting disruption in host enantiostasis. Third, it has been shown
that hosts do produce digestive enzymes. These endogenous enzymes could moderate the effects
resulting from the loss of microbial enzymes in the short-term. Fourth, bacterial-bacterial
horizontal gene transfer (HGT) may be occurring, resulting in high functional redundancy of the
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microbial community. High frequencies of HGT are known to occur in both the ocean
(McDaniel et al. 2010) and in gastrointestinal tracts (Qu et al. 2008). Further, prokaryote
symbioses of marine sessile organisms have been hypothesized to be sites of bacterial-animal
HGT, resulting in improved host metabolic functioning and stability (Hotopp 2011, Degnan
2014). Documented cases in a number of sessile marine invertebrate phyla (e.g., Porifera,
Chordata, Cnidaria) exist, especially with genes that relate to metabolic processes (Nakashima et
al. 2004, Chapman et al. 2010, Boto 2014). If HGT occurs between bacteria and oysters, loss or
reduction of the gut microbiome, as in the active antibiotic group, may not matter if bacterial
metabolic genes have already become incorporated into the host genomes.

Finally, the

antibiotics may not have impacted those bacteria which account for the majority of enzyme
production and facilitate nutrient absorption in the gut of oysters.

Enzyme activity in bivalves is known to fluctuate in response to season and diet (Ibarrola
et al. 1996, Ibarrola et al. 1998, Kreeger & Newell 2001). Cellulase and protease specific
enzyme activities reported here are similar to those that have been reported for other bivalve
species within a similar temperature regime (Ibarrola et al. 1998). Specific to C. virginica, our
results align with other studies which found that microbes in the gut did not significantly
increase carbon uptake by the host (Newell & Langdon 1986, Crosby et al. 1989). Crosby et al.
(1990), however, did show a significant increase in refractory carbon assimilation when detrital
complexes were supplemented with cellulolytic bacteria.

In

previous

studies

on

humans

and

other

vertebrates,

the

ratio

of

Firmicutes:Bacteroidetes abundances has been used as an indicator of altered health status (Ley
et al. 2005, Turnbaugh et al. 2008). In the current study, this abundance of Firmicutes increased
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significantly in the antibiotic treatment groups. An increased abundance of obligate intracellular
pathogens from the class Chlamydiae were observed in the antibiotic treatment compared to
control groups, although not significantly. A similar result was seen with members of the S24-7
family, which were also higher in the antibiotic treatment compared to the controls. This
bacterial taxon has been linked to inflammation and increased immune signaling in studies using
mouse models (Harris et al. 2014). The enrichment of pathogens may be linked to a reduction in
many of the normal, if not beneficial, microbiota. In eastern and pacific oysters, Mycoplasma
OTUs have been found to be an abundant and common component of the oyster microbiome
(King et al. 2012, Wegner et al. 2013). In this study, Mycoplasma OTUs were enriched in
control oysters compared to oysters in the antibiotic treatments, in some cases by more than three
orders of magnitude. The number of sequences from Phaeobacter OTUs and bacteria in the
Rhodobacteracae family in general were significantly higher in controls compared to the inactive
and active antibiotic treatments. Members of the Phaeobacter genus have been commonly
identified as probiotics (Prado et al. 2009, D’Alvise et al. 2013), and have been shown to protect
their oyster hosts against vibrio infections by forming biofilms along the inside of the shell and
mantle cavity (Karim et al. 2013, Zhao et al. 2016). Surprisingly, Plantomycetes were not an
abundant component of any treatment. Plantomycetes are known for their resistance to
antibiotics, formation of biofilms on macroalgae, and their genomes have been shown to contain
polysaccharide degrading enzymes (Lage & Bondoso 2014). Their abundances were, however,
higher in the initial (environmental) control treatment compared to the other treatments. Previous
work has shown them to be a moderately abundant and temporally consistent component of the
gut microbiome of bivalves (Chapter 3 – Pierce & Ward in prep).
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Overall, antibiotic disturbance of the gut microbiome did not result in significant
digestive alterations in oysters under the conditions in this experiment. Longer term experiments
would be beneficial to discern if altering the gut microbiota impacts host physiological
enantiostasis. Additionally, metagenomics analysis is crucial to tease apart some of the
underlying mechanisms that may account for the largely non-significant results seen in this
study. Further probing the idea of horizontal gene transfer would provide more insight into the
bacterial-bacterial and bacterial-host interactions and their fundamental role in host digestive
enantiostasis.
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Tables & Figures

Figure 1. The microcosm system employed in this study. Each microcosm contained one oyster
raised off the bottom by a grid, with individual air supplies connected to Whatman 0.22 µm
filters fitted through the lids.
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Table 1. Null hypotheses and objectives designed for this project.

Objective
1: Assess the effect of an
antibiotic disturbance
on the functional
diversity of the gut
microbiome of oysters
2: Assess the effect of an
antibiotic disturbance
on the genetic
diversity of the gut
microbiome of oysters,
including the phylum
and OTU level
3: Assess the effect of an
antibiotic disturbance
on specific digestive
enzyme activity in the
gut

4: Assess the effect of an

antibiotic disturbance
on the ability of
oysters to absorb
ingested organic
matter in the gut

Null Hypothesis
A: There will be no difference in the functional
diversity of microbial communities in oysters
disturbed by antibiotics compared to those not
disturbed

A: There will be no difference in the genetic
diversity of microbial communities in oysters
disturbed by antibiotics compared to those not
disturbed

Result

Reject

Reject

A: There will be no difference in the amylase
activity of oysters disturbed by antibiotics
compared to those not disturbed

Fail to
Reject

B: There will be no difference in the xylanase
activity of oysters disturbed by antibiotics
compared to those not disturbed

Reject

C: There will be no difference in the cellulase
activity of oysters disturbed by antibiotics
compared to those not disturbed

Fail to
Reject

D: There will be no difference in the non-specific
protease activity of oysters disturbed by
antibiotics compared to those not disturbed

Fail to
Reject

A: There will be no difference in the absorption
efficiency of oysters disturbed by antibiotics
compared to those not disturbed

164

Fail to
Reject

Figure 2. Richness of carbon substrates utilized by the gut microbial community (aerobic
heterotrophs) for each treatment group. Letters denote significant differences between
treatments. Data are presented as means ± SD (n = 6 - 7 oysters, or 18 - 21 EcoPlate replicates).
Designations of treatment groups are as follows: Initial = initial population of oysters, control =
no antibiotics delivered to oysters, inactive = inactivated antibiotics delivered to oysters, active =
active antibiotics delivered to oysters.
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Figure 3. Principal Coordinate Analysis (PCoA) of 16S rRNA gene sequences from oyster guts
using the unweighted UniFrac metric. Variation explained by each axis is designated by percent.
Green triangles = initial population oysters, red squares = control oysters (no antibiotics), purple
diamonds = inactive antibiotics delivered to oysters, blue circles = active antibiotics delivered to
oysters. Control group oysters clustered separately from the inactive and active antibiotic groups,
as did initial population group oysters. Some overlap was seen between the inactive and active
antibiotic groups.
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Figure 4. Mean abundances of each prokaryote taxa at the phylum level, by treatment. See figure
2 for treatment designations. Major differences between treatments are seen in the abundances of
the Cyanobacteria and Proteobacteria. Tenericutes were noticeably absent from the two
antibiotic treatments compared to the control and initial population groups. Oysters in the active
antibiotic treatment almost completely lost the presence of Spirochaetes, a common symbiont in
the oyster digestive system.
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Figure 5. Mean abundance of Proteobacteria classes by treatment. See figure 2 for treatment
designations. Alphaproteobacteria in the control and initial population groups represented a
greater contribution to the total breakdown of Proteobacteria in the gut compared to the two
antibiotic treatments. Inactive and active antibiotic treatment oysters were dominated by
Gammaproteobacteria (> 75%).
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Figure 6. Means ± SD for Shannon diversity index and OTU observations by treatment (n = 7
oysters per treatment). Values apply to genetic diversity of the microbiome from 16S rDNA
sequences. See figure 2 for treatment designations. Shannon Index means are designated by bars,
and correspond with the left y-axis. Significant differences between treatments are designate by
capital letters. OTUs observed are designated by squares, and correspond with the right y-axis.
Error bars are too small to be seen. Significant differences between treatments are designated by
lowercase letters.
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Figure 7. Core prokaryote OTUs within a treatment and core OTUs shared between treatments.
See figure 2 for treatment designations. Values in smaller circles represent the within treatment
core, whereas values in larger circles represent the between treatment core. The total number of
OTUs identified for each treatment is also shown. Core OTUs are defined here as those shared
by 95% of samples. Control and initial population groups maintained a higher number of core
OTUs within and between groups compared to the antibiotic treatment groups. Only one OTU
was shared by all treatments, from the family Methylobacteriaceae.
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(a)

(b)

Figure 8. (a) Number of sequences attributed to Phaeobacter OTUs ± SD by treatment. Bars
represent treatment medians, stars represent treatment means. N = 7 oysters per treatment. See
figure 2 for treatment designations. (b) Tukey-Kramer post hoc. Control and initial population
groups had significantly higher observations of Phaeobacter OTUs compared to the two
antibiotic treatment groups.
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Table 2. SIMPER Analysis using a Bray Curtis similarity metric, with a cutoff at 90%.
Dissimilarities between treatments are shown with the major phylogenetic groups driving those
dissimilarities listed in decreasing order. Cyanobacteria were removed from analyses. See figure
2 for treatment designations.
No Cyanos & Proteo Classes

Groups Control & Inactive
Average dissimilarity = 61.60

Species
Alpha-Proteo
Gamma-Proteo
Other
Chlamydiae
Firmicutes
Spirochaetes
Bacteroidetes
Tenericutes
Other-Proteo

Group Control Group Inactive Group Inactive
Av.Abund
Av.Abund
Av.Diss Diss/SD Contrib% Cum.%
0.32
0.07 decrease
15.76
1.49
25.58
25.58
0.21
0.31 increase
9.93
1.4
16.11
41.69
0.02
0.16 increase
8.82
0.98
14.32
56.01
0.02
0.09 increase
4.93
0.9
8.01
64.02
0.02
0.07 increase
3.88
0.91
6.3
70.32
0.09
0.04 decrease
3.78
1.4
6.14
76.45
0.06
0.03 decrease
3.19
0.7
5.18
81.64
0.05
0 decrease to 0
2.69
0.67
4.37
86
0.04
0 decrease to 0
2.51
1.68
4.08
90.08

Groups Control & Active
Average dissimilarity = 69.01

Species
Alpha-Proteo
Gamma-Proteo
Spirochaetes
Chlamydiae
Bacteroidetes
Other
Tenericutes
Epsilon-Proteo
Other-Proteo

Group Control Group Active Group Active
Av.Abund
Av.Abund
Av.Diss Diss/SD Contrib% Cum.%
0.32
0.04 decrease
19.93
1.51
28.87
28.87
0.21
0.27 increase
14.28
1.38
20.7
49.57
0.09
0 decrease to 0
6.21
1.62
9
58.57
0.02
0.1 increase
6.03
0.68
8.74
67.3
0.06
0.03 decrease
3.84
0.68
5.57
72.87
0.02
0.05 increase
3.68
0.72
5.33
78.2
0.05
0 decrease to 0
3.28
0.66
4.75
82.96
0.05
0 decrease to 0
3.1
0.84
4.5
87.45
0.04
0 decrease to 0
2.87
1.45
4.16
91.62
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Tenericutes
Other-Proteo

0.05
0.04

0 decrease to 0
0 decrease to 0

2.69
2.51

0.67
1.68

4.37
4.08

Groups Control & Initial

Groups
Control
& Active
Average
dissimilarity
= 63.61
Average dissimilarity = 69.01

Group Control Group Initial

Group Initial

Group Control Group Active Group Active
Species
Av.Abund
Av.Abund
Av.Diss Diss/SD Contrib%
Species
Av.Abund
Av.Abund
Av.Diss Diss/SD Contrib% Cum.%
Alpha-Proteo
0.32
0.11 decrease
18.24
1.66
28.68
Alpha-Proteo
0.32
0.04 decrease
19.93
1.51
28.87
28.87
Gamma-Proteo
0.21
0.09 decrease
10.47 1.38 1.16 20.7 16.46
Gamma-Proteo
0.21
0.27 increase
14.28
49.57
Other
0.02
0.14
increase
9.26
0.84
14.56
Spirochaetes
0.09
0 decrease to 0
6.21
1.62
9
58.57
Spirochaetes
0.09
0.03
decrease
5.57
1.49
8.76
Chlamydiae
0.02
0.1 increase
6.03
0.68
8.74
67.3
Bacteroidetes
0.06
0.01
decrease
3.83
0.59
6.02
Bacteroidetes
0.06
0.03 decrease
3.84
0.68
5.57
72.87
Epsilon-Proteo
decrease
Other
0.020.05
0.05 0.03
increase
3.68 3.54 0.72 0.93 5.33 5.5678.2
Tenericutes
decrease
Tenericutes
0.050.05
0 0.02
decrease
to 0
3.28 3.33 0.66 0.72 4.75 5.24
82.96
Other-Proteo
0.04
0.01
decrease
2.6
1.32
4.09
Epsilon-Proteo
0.05
0 decrease to 0
3.1
0.84
4.5
87.45
Chlamydiae
no change
2 1.45 0.8 4.16 3.14
Other-Proteo
0.040.02
0 0.02
decrease
to 0
2.87
91.62

Groups Inactive & Active
Average dissimilarity = 55.55

Species
Gamma-Proteo
Other
Chlamydiae
Firmicutes
Alpha-Proteo
Spirochaetes
Bacteroidetes

Group Inactive Group Active Group Active
Av.Abund
Av.Abund
Av.Diss Diss/SD Contrib% Cum.%
0.31
0.27 decrease
17.24
1.51
31.03
31.03
0.16
0.05 decrease
11.24
1
20.23
51.27
0.09
0.1 increase
9.53
0.98
17.15
68.42
0.07
0.02 decrease
4.47
0.74
8.05
76.47
0.07
0.04 decrease
3.89
0.89
7.01
83.48
0.04
0 decrease to 0
3.23
0.89
5.81
89.29
0.03
0.03 no change
1.78
0.96
3.21
92.5
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86
90.08

Figure 9. Corrected absorption efficiency for each of the treatments. See figure 2 for treatment
designations. No significant effect of treatment was found (1-way ANOVA, p > 0.05). Data are
presented as means ± SD.
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Figure 10. Protein content for each treatment using the modified Lowry Method with Bovine
Serum Albumin (BSA) as a standard. See figure 2 for treatment designations. No significant
effect of treatment was found (1-way ANOVA, p > 0.05). Data are presented as means ± SD.
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Figure 11. Non-specific protease and specific cellulase, amylase, and xylanase activity for each
of the treatments. See figure 2 for treatment designations. Different letters above xylanase values
denote significant differences between treatments (1-way ANOVA, p < 0.01). Activity of all
other enzymes were not significantly affected by treatment (1-way ANOVA, p > 0.05). Data are
presented as means ± SD.
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Chapter 5: Impact of an antibiotic disturbance on Vibrio coralliilyticus RE22SmR
pathogen accumulation in the host, Crassostrea virginica (Gmelin)
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Abstract
The impact of disease on populations of suspension-feeding bivalves is detrimental from
economic and ecological standpoints. Because the gut of organisms is a major transmission route
for the spread of disease, the contribution of the resident microbial community to pathogen
defense in the host is of great interest. Mutualistic bacteria in the gut aid in the development and
maintenance of the host immune system and can directly combat pathogens by the secretion of
antimicrobials as well as occupying niches and resource partitioning, collectively known as
“colonization resistance.” The use of antibiotics in aquaculture, as well as addition to the
environment from other sources such as wastewater, may impact the diversity and abundance of
host-associated bacterial communities. In turn, a reduction in diversity could result in a decrease
or loss of colonization resistance, making host organisms vulnerable to pathogens. In this study
microcosms with eastern oysters, Crassostrea virginica, were challenged with the pathogen
Vibrio coralliilyticus RE22SmR. The effect of gut microbial diversity on pathogen accumulation
in two treatments was evaluated. One treatment group of oysters received an antibiotic, and thus
possessed a gut microbial community with a lower diversity, while the other treatment group of
oysters did not receive antibiotics. Oysters were dissected 3, 9, and 24 h post-challenge and the
accumulation of pathogens in the gill and gut were recorded. Seawater in microcosms was also
sampled. No significant effect of treatment on pathogen accumulation in tissues was observed.
At 24 h post-challenge, however, there was a significant reduction in the number of CFUs
present in tissues and seawater of the high diversity treatment compared to 3 h and 9 h time
points. This effect of time was not seen in the low diversity treatment. Results indicate that
oysters with a high diversity of microbes in their gut were able to depurate the pathogen more
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quickly than oysters with a low diversity. An additional time point would have allowed more
insight to this potential effect.

Introduction
In the human gut, as many as 100 trillion microbes containing over 1 million genes exist
(Turnbaugh et al. 2007). Considering the gastrointestinal tract provides a large mucus-lined
epithelial surface for microbes to attach and is a major transmission route for the spread of
disease, the link between microbes and health is implicit. With increasing research on
microbiomes, commensal gut bacteria have been implicated in a range of processes traditionally
associated with the host, including immune system development and maintenance and disease
susceptibility (Guarner & Malagelada 2003, Neish 2009, Forberg et al. 2012, Buffie & Pamer
2013, Dishaw et al. 2014, De Schrver & Vadstein 2014). That commensal microbes interact
significantly with the host immune system is not surprising, considering it is the site of a number
of immune factors including immune receptors, or pattern recognition receptors (PRRs; e.g.,
Toll-like receptors). These receptors allow the host to recognize and identify specific
microorganisms. The coevolution of hosts and gut microbes would have been integral to the
formation of the modern innate and adaptive immune systems in organisms today (Round &
Mazmanian 2009). Such an immune system must be able to both attack pathogens and recognize
mutualistic symbionts.

As invertebrates, bivalves possess only innate immunity and rely on humoral and cellular
defenses such as antimicrobial peptides, lysozymes, lectins, hemocytes (cells which perform
phagocytosis), apoptosis, and a respiratory burst resulting in the production of reactive oxygen
species (Chu 1988, Canesi et al. 2002, Goedken et al. 2005, Pruzzo et al. 2005, Hughes et al.
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2010). Research has indicated that the innate immune system of bivalves may have more diverse
gene families than those of organisms also possessing adaptive immunity (Zhang et al. 2014). An
abundance of genes for cytokine signaling, apoptosis, protease inhibition, galectins, and pattern
recognition receptors (PRRs) have been discovered in Crassostrea virginica (Tasumi & Vasta
2007, Le Peyre et al. 2010, Zhang et al. 2014, McDowell et al. 2016). Other invertebrates, like
the tube worm Ridgeia piscesae, also have an abundance of PRRs, which may function in the
maintenance of their bacterial symbionts (Nyholm et al. 2012). The innate immune system is
complemented by a rich consortia of microbes to help defend against pathogens, potentially
integral for those organisms lacking adaptive immunity.

Indirectly, commensal bacteria provide protection by inducing host immune and
inflammatory responses (Buffie & Pamer 2013, for review). More direct mechanisms of
protection include the secretion of antimicrobials, production of cell signaling molecules,
regulation of host genes, and the monopolization of resources (i.e., space and nutrients; also
known as “colonization resistance”) by the resident gut bacteria (Freter et al. 1983a, Freter et al.
1983b, Cross 2002, Stecher & Hardt 2008, Kau et al. 2011, Forberg 2012). The concept of
colonization resistance (CR) was developed by Van der Waaij et al. (1971), and complements
the ecological theory that diversity is inversely related to pathogen invasion (Van der Waaij et al.
1971, Van der Waaij & Van der Waaij 1990, Rolfe 1997). Specific examples of CR include
Bacteroides spp. utilizing monosaccharides to the competitive exclusion of C. rodentium
pathogens (Kamada et al. 2012) and Bifidobacterium spp. producing organic acids and
antimicrobial peptides to reduce growth and adhesion of pathogenic Escherichia coli in the gut
epithelial lining of humans (Gagnon et al. 2004). Lactobacilli and Bifidobacteria “communicate”
with the host immune system through PRRs in the presence of pathogens, and can mount an
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immune response against those pathogens (Cross 2002). Additionally, these lactic acid bacteria
can directly interfere with Clostridium difficile infection by hindering adherence and by the
secretion of proteins to decrease cytotoxicity of the pathogen (Trejo et al. 2006, Hütt et al. 2006).
These examples represent only a fraction of potential interactions, as many of the mechanisms
that allow gut microbes to convey protection to their host are still poorly understood.
A disturbance to the host’s gut (e.g., antibiotics) alters the normal microbiota and creates
an opening for pathogens in part by making available formerly occupied niches – a breakdown of
colonization resistance (Dethlefsen & Relman 2011, Mondont et al. 2013, De Shryver &
Vadstein 2014). Although antibiotics are prescribed to stop infectious agents, most are broad
spectrum and affect beneficial microbes as well. In humans, antibiotic use, and thus disturbance
of the gut microbiome, has been linked to the development of detrimental health conditions.
Microbial disturbance allows the colonization of C. difficile, resulting in intestinal infection
(Chang et al. 2008). Inflammatory Bowel Disease (IBD) is characterized by shifts in the normal
bacterial and fungal taxa and reduced diversity in the gut, suggested to be directly attributed to
antibiotic use (Ianiro et al. 2016). Overuse of antimicrobials in household products has been
shown to cause allergies in developing children (Levy 2001). By comparison, children raised on
farms, and thus exposed to a wide range of microbes, had few to no allergies (Braun-Fahrländer
et al. 1999).

Research has linked changes in bacterial diversity and abundance to altered health
statuses for a number of hosts besides humans. In mouse models, obesity is associated with
phylum level shifts in abundance in the gut bacterial community (Turnbaugh et al. 2006, Ley et
al. 2005). In many cases, the pathogens themselves may cause a disturbance in the normal
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microbial community. A difference in bacterial community structure exists for healthy vs. corals
infected with Black Band Disease, and the differences are consistent across coral species and
geographic location (Frias-Lopez et al. 2002, Frias-Lopez et al. 2004, Roder et al. 2014). Vibrio
harveyi challenges in two species of shrimp resulted in alteration of the normal intestinal
microbiota, but the microbial community rebounded within 72 h (Rungrassamee et al. 2016).

With respect to bivalves, a few studies have also made a connection between health and
microbial diversity. Pacific oysters (Crassostrea gigas) with hemolymph-associated bacterial
communities that were healthy and more diverse were less susceptible to infection after stress,
and thus mortality (Lokmer & Wegner 2015). Oysters that succumbed to infection were
characterized by hemolymph microbiota dominated by few OTUs (Lokmer & Wegner 2015).
Sydney rock oysters infected with a protozoan parasite, Marteilia sydneyi, were found to have
significantly reduced bacterial diversity in their gut compared to uninfected individuals (Green &
Barnes 2010). Healthy individuals maintained as many as 23 OTUs in the digestive gland;
infected oysters had one (Green & Barnes 2010). It is unclear, however, if reduced bacterial
diversity is a cause for increased disease susceptibility or just an effect of pathogen infection.

For C. virginica, one of the main problems with cultivation is the threat of disease. The
value of the commercial industry in the United States alone is estimated to be > $196 million
(NMFS 2015). Because of its economic and ecological importance, the etiological agents of
oyster diseases are well studied (DePaola et al. 1990, Ford & Tripp 1996, Boettcher et al. 2005,
Broberg et al. 2011). Bacteria of the genus Vibrio are of particular interest due to being
ubiquitous in the marine environment and within organisms, and their implication in many
human and animal diseases (Oliver et al. 1983, Gómez-León et al. 2008, Froelich & Noble 2014,
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Jones et al. 2014). Vibrio coralliilyticus RE22, formerly Vibrio tubiashii RE22, is a pathogen
known to infect and cause mortality in larval and juvenile oysters (Tubiash et al. 1970, Brown
1981, Hada et al. 1984, Estes et al. 2004, Gómez-León et al. 2008, Wilson et al. 2013, Richards
et al. 2015). Bacterial “swarming” of bivalve larvae results in impairment of motility and tissue
necrosis (Tubiash et al. 1965). Other mechanisms of pathogenicity include the secretion of toxic
proteins, which results in virulence level differences between bacterial species and strains
(Hasegawa et al. 2008). RE22 is a particularly virulent, wild-type strain, described as one of the
most pathogenic (Estes et al. 2004), as a result of the high levels of proteases and hemolysins it
produces (Hasegawa et al. 2008). Although RE22 has not been shown to cause mortality in adult
oysters, bivalves come into contact with vibrios in the environment due to their suspensionfeeding activity, and they have been shown to ingest them in high numbers (Tubiash et al. 1965).
Strains of Phaeobacter gallaeciensis are a proven probiotic that protect larval oysters from V.
coralliilyticus infection (Kersarcodi-Watson et al. 2012, Karim et al. 2013, Sohn et al. 2016).
The natural occurrence of Phaeobacter spp. as part of the core oyster gut microbiome (Chapter 3
- Pierce & Ward in prep), lends influence to the idea that microbiota aid the host in pathogen
defense.

Antibiotics are increasingly used in agriculture and aquaculture and make their way into
the environment (Gustafson & Bowen 1997, Schwarz et al. 2001). They are also introduced into
the oceans as runoff and through wastewater output (Berkner et al. 2014). How antibiotics alter
gut microbiome diversity and in turn influence pathogen accumulation is another step towards
understanding the relationship between hosts and their microbial communities. This concept also
has specific implications for disease control in oysters. Specifically, this project was designed to
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address the hypothesis that a change in gut microbial diversity would result in increased
pathogen accumulation in oysters following a challenge.

Methods
Oyster Collection

Eastern oysters, Crassostrea virginica (Gmelin), were obtained from the Noank
Aquaculture Co-op in Noank, CT. Animals were re-located to the docks at The University of
Connecticut, Avery Point in Groton, CT. Oysters were kept in baskets suspended from the dock
at a depth of 1 m and held for a minimum of two months before the start of the experiment.
Three oysters per time point per treatment group were used, for a total of nine oysters per
treatment group.

Experimental Design

Several experimental treatments were created including a control group (no antibiotics,
no pathogen challenge), a high diversity group (no antibiotics, pathogen challenge), and a low
diversity group (antibiotics and a pathogen challenge). Oysters in the control group were held in
microcosms (see below) for five days and then dissected. Oysters in the high diversity group
were treated the same as the control group, except that they received a challenge with Vibrio
coralliilyticus RE22SmR on day 6. Oysters in the low diversity group were given antibiotics
(streptomycin, see below) for 5 days, followed by vibrio challenge on day 6.

Preliminary experiments were carried out to determine the effectiveness of streptomycin
addition in altering the functional diversity of the heterotrophic gut microbial communities of
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oysters. Using Biolog EcoPlates, the functional diversity, or potential catabolic activity, of
oyster-associated microbial communities was assessed. Six oysters treated with streptomycin
were assessed, with three replicates (EcoPlates) used per oyster. Each EcoPlate contains a
triplicate series of 31 unique carbon sources (ten carbohydrates, nine carboxylic acids, four
polymers, six amino acids, and two amines/amines) plus a control well (with no substrate). The
ability of microbes in the sample to utilize the carbon substrate results in the formation of a
tetrazolium violet dye, which is read spectrophotometrically. Aliquots (150 µl) of gut samples
were inoculated into EcoPlates, incubated in the dark at 21 °C, and read as outlined in Pierce et
al. (2016). Optical Density (OD) values from 168 h readings were corrected to control for any
inherent color change in control wells as outlined in Insam & Goberna (2004). Calculations of
richness (S), the number of substrates utilized by the microbial community of the sample, were
determined following the protocols outlined in Zak et al. (1994) and Lyons et al. (2010).

Microcosm Design

An individual isolation system was developed and employed (Figure 1). Microcosms for
individual oysters were constructed from glass jars (3.8 L). Lids for each jar were made, with a
narrow opening for air tubing, and an overhanging lip so they sat inside the jar mouth.
Microcosms were assembled and attached to gang valves containing a 0.22 µm Whatman filter
on the incurrent air supply. A plastic grid (ca. 2 cm) was placed on the bottom of each jar and
served as a stand on which individual oysters were placed. Grids were used to elevate oysters
above the biodeposits they produced. Prior to the experiment, all components of the microcosms
(jars, air tubing, gang valves, grids, glass pipettes (5 ¾”) and jar lids) were sterilized by
submerging in a 10% bleach solution (0.825% sodium hypochlorite) for one hour. 3% (w/v)
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sodium thiosulfate was then added to neutralize the bleach followed by an additional hour of
soaking. Finally, all equipment was rinsed with 0.22 µm filter sterilized seawater to remove
residual chlorine by binding it to calcium ions in the seawater and air dried.

Microcosms were placed on shelves in an environmental chamber at 22 °C with indirect
lighting on a 12 h on/12 h off schedule. Prior to the start of the experiment, oysters were
scrubbed with DI water to remove epibionts and cleaned with 70% ethanol to kill bacteria on the
outside of the shell. One oyster was then placed in each microcosm. Microcosms were filled with
3 L of sterile, autoclaved seawater. Each morning prior to daily feeding, feces and pseudofeces
were removed from each microcosm and a 100% water change was performed with sterile
seawater. Animals were left to acclimate for a minimum of 30 min before food was added.

Feeding

A sterile diet was created by mixing Shellfish Diet 1800 (Reed Mariculture Inc; ca. 2
billion cells ml-1) with 0.22 µm filtered seawater and microwaving for 10 min. Shellfish Diet
1800 is a pre-formulated mix of the marine microalgae Isochrysis sp., Pavlova sp., Tetraselmis
sp., Chaetocerous calcitrans, Thalassiosira weissflogii, and Thalassiosira pseudonana. Cell
counts for the diet were checked with an electronic particle counter (Multisizer; Beckman
Coulter, Inc.). Oysters were fed 30,000 cells ml-1, 3 times daily for 5 days. Oysters were
acclimated to a non-sterile version of the diet on a drip feed (ca. 200,000 cells ml-1) for 5 days
prior to the start of the experiment. Throughout the course of the experiment, oysters were
observed and those which did not open (i.e., did not feed) were not used in the statistical
analysis.
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Antibiotic Treatment
V. coralliilyticus RE22SmR, an isolate of RE22 selected for its resistance to the antibiotic
streptomycin was used in the pathogen challenges. Therefore, streptomycin was chosen to be the
sole antibiotic in the disturbance to avoid effects of residual antibiotic on the bacterial challenge.
A stock solution of streptomycin, which targets bacterial protein synthesis, (Sigma-Aldrich) was
made up fresh each morning in Milli-Q water. The stock solution was added to the microcosms
containing oysters in the low diversity treatment twice daily (every 12 h) along with the morning
and evening feeding. Each oyster received a total of 400 µg ml-1 of seawater each day (200 µg
ml-1 dose-1). Oysters in the control and high diversity treatments received Milli-Q twice daily
with feedings.

Vibrio coralliilyticus Culture & Challenge
V. coralliilyticus RE22SmR, an isolate of RE22 selected by culturing of wild type on
increasing concentrations of streptomycin in the media (Zhao et al. 2016), was kindly provided
by Dr. David Nelson (University of Rhode Island). Challenges were performed on the morning
of day 6, following maintenance of oysters for 5 days in microcosms with the previously
mentioned conditions. Prior to pathogen challenge, oysters were starved for 18 h to ensure
feeding on vibrios. Single colonies of V. coralliilyticus RE22SmR were grown up overnight at 28
°C with shaking (200 rpm) in Yeast-Peptone broth (made with sterile seawater for a salt
concentration of 3% and a streptomycin concentration of 200 µg ml-1). Sampling cultures at this
time ensured late log-stage growth - when proteolytic and hemolytic activity of the bacterium
peak (Hasegawa et al. 2008). RE22SmR cultures were centrifuged for 10 min @ 2,300 x g to
remove culture media. The supernatant was discarded and the pellet was washed with sterile
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filtered seawater and centrifuged for 5 min @ 2,300 x g. The supernatant was discarded and the
wash step was repeated. The pellet was then re-suspended in sterile seawater and optical density
(OD) was measured @ 550 nm (ELx808, BioTek) to determine cell density. Aliquots of the
culture were diluted to 3.0 x 108 CFU dose-1, assuming that an OD of 1.0 = 1.2 x 109 CFU ml-1
according to the McFarland Standard. Cell-culture aliquots were then mixed with 155 µL of 16%
shellfish diet in seawater mix (10,000 cell ml-1), to ensure delivery of the pathogen to the oysters
while feeding (Chintala et al. 2002, Karim et al. 2013). Microalgae/vibrio mixes were added
directly to the microcosm seawater for a final pathogen concentration of 105 CFU ml-1 (Karim et
al. 2013). After one hour, a second dose of algae/vibrio mix was administered.

Oyster Dissections

Oysters were removed from their microcosms and dissected at 3, 9, and 24 h post
challenge. Aseptic techniques (Greenberg & Hunt 1985) were used to prepare and open animals
as outlined in Pierce et al. 2016 (Chapter 2) and Pierce & Ward in prep (Chapter 3). Pallial
cavities were rinsed with sterile Phosphate Buffered Saline (PBS) to remove non-adherent
bacteria. Whole digestive gland and guts (henceforth referred to as “gut”) and gill sections were
dissected out and homogenized following procedures outlined in Pierce et al. (2016) (Chapter 2)
and Pierce & Ward in prep (Chapter 3). Serial dilutions of gut and gill samples were created
using PBS and plated on YP agar with 200 µg ml-1 streptomycin. Plates were incubated at 22 °C
overnight (10 to 12 h) and counts were recorded.

Statistical Analysis & Hypotheses
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A number of working hypotheses were developed for this project. Null hypotheses and
objectives are outlined in Table 1.

Geometric means and geometric standard deviations were calculated for each treatment at
each sampling time point for each tissue type and seawater. Vibrio coralliilyticus RE22SmR CFU
counts were log transformed (base 10) to improve normality before running a two-way analysis
of variance test (ANOVA; Systat13). If a significant effect was detected a Tukey’s HSD post hoc
test was performed to examine differences between the levels of the independent variable
(treatment and time). Significance was assessed using an alpha level of 0.05. Controls were not
used for statistical comparison because the hypothesis being tested was between treatments and
not between treatments and controls. A t-test was used to examine the effect of treatment on
richness data from EcoPlates collected in the preliminary experiment (Systat 13).

Results
Preliminary Experiments

Preliminary experiments showed a significant effect of treatment on the richness (S) of
heterotrophic microbial communities in the gut of oysters (t-test, p < 0.01). Oysters receiving
four days of streptomycin addition had microbial communities with significantly lower richness
values in the gut and microcosm seawater compared to controls (Figure 2; p < 0.01).

Pathogen Accumulation in Tissues & Pathogen Loads in Seawater

In both low and high diversity groups, vibrio CFU counts on Sm plates were highest in
the gut, seawater, and gill, respectively. No colonies grew on plates used for controls. No
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significant effect of treatment was seen on pathogen accumulation in tissues or on seawater loads
at any time point (2-way ANOVA, p > 0.05). There was, however, a significant effect of time
within treatment (2-way ANOVA, p < 0.05). Post hoc analysis revealed that in the high diversity
group, vibrio CFU counts at 24 h post-challenge were significantly lower than both 3 h and 9 h
post-challenge CFU counts for oyster gill and gut, and microcosm seawater samples (Figure 3;
Tukey’s HSD, p < 0.05). This effect was not seen for any of the sample types from the low
diversity group (Figure 3; Tukey’s HSD, p > 0.05).

Discussion
A disturbance in the gut microbial community was successful as evaluated by results
from preliminary experiments using EcoPlates. Although this method assesses functional
diversity and not genetic diversity of the microbial community, the bactericidal activity of
streptomycin suggested that a reduction in the overall numbers and types of bacteria in the gut
was likely to have occurred in the low diversity group. Previous work has shown a shift in
microbial community structure in the gut of oysters with antibiotic application (Chapter 4 Pierce et al. in prep).

No effect of treatment was seen on the accumulation of the pathogen V. coralliilyticus
RE22SmR in either the gill or gut tissues of the oyster C. virginica. The seawater samples taken
from the corresponding microcosms also showed no effect of treatment. There was, however, a
significant effect of time on V. coralliilyticus RE22SmR counts in the high diversity group. At 24
h post-challenge there was a significant reduction in the number of vibrio CFUs present in gut,
gills, and seawater of the high diversity group compared to the number of CFUs at 3 h and 9 h
post-challenge. No significant effect of time was seen on the low diversity group. This result
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indicates that oysters with high microbial diversity in the gut were able to depurate the
accumulated vibrio pathogens over time, while oysters with low microbial diversity in the gut
were slower at doing so. Although no significant difference between treatments was seen at any
time point, the variation between them increased over time. An additional time point may have
lent more insight to between treatment effects.

The lack of a significant effect of treatment in this study could be attributed to the oyster
immune system, which may be effective enough in the short term to reduce pathogen loads in an
acute exposure. A longer term experiment with repeated challenges would shed more light on
host-bacterial dynamics. Additionally, functional diversity, as evaluated by EcoPlates, may not
be the most indicative assessment of a disturbance. The disturbance of bacteria utilizing carbon
sources in the microbiome may not be integral to colonization resistance. Additionally, EcoPlates
do not evaluate anaerobic bacteria, which are likely the major resident component of the gut.
More robust, antibiotic resistant resident bacteria could be important to maintaining colonization
resistance. Finally, ecological theories of diversity-invasion and succession indicate that a
reduction in diversity opens niche space for colonization of new species (Dillon et al. 2005). In
the current study, oysters in the low diversity group had a reduced ability to depurate pathogens
over time compared to oysters in the high diversity group. One potential explanation for this
observation is that with the breakdown of colonization resistance, pathogens were able to begin
colonizing the gut, and thus were not depurated.

Results from 16S rRNA gene amplicon sequencing of previous work has shown that the
application of an antibiotic cocktail (including streptomycin, cefotaxime, and ciprofloxacin)
results in a reduction of several Phaeobacter OTUs in the oyster gut (Chapter 4 - Pierce et al. in
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prep). Phaeobacter OTUs are found naturally in oysters, at times in relatively high abundances,
and are part of the core oyster gut microbiome (Chapter 3 - Pierce & Ward in prep). As such, it’s
likely that oysters in the high diversity group would have harbored them at the time of the
challenge. This is important because Phaeobacter strains have been implicated as a probiotic
that protects oysters against Vibrio and Roseovarius infections (Karim et al. 2013, Sohn et al.
2016). Their presence may be integral to the depuration of pathogenic vibrios.

Most disease studies in oysters focus on extrinsic (e.g., salinity and water temperature) or
intrinsic effects (e.g., genetic resistance) on pathogen loads (Roch 1999, Gómez-León et al.
2008, Lokmer & Wegner 2015, Froelich & Noble 2016). Disruption of gut microbial
communities, however, has largely been investigated as a result of disease, rather than a cause of
it, as in the current study. The alteration of gut bacterial profiles as a result of pathogen
challenges has been reported for mice and shrimp (Barman et al. 2008, Rungrassamee et al.
2016), and individuals that were able to best recover from infection maintained microbial
communities in a stable state (Rungrassamee et al. 2016). Lokmer & Wegner (2015) found that
Pacific oysters with a lower diversity of microbes in their hemolymph were more susceptible to
mortality after temperature stress. They additionally challenged oysters with a Vibrio sp.
pathogen following temperature stress, and those that survived maintained microbial profiles
similar to the unchallenged oysters (Lokmer & Wegner 2015). Although not directly comparable
to the current study, they highlight the fundamental role of the normal microbiota in infectious
disease.

Studies relating diversity to antibiotic disturbance are few. Fungal infection in
Drosophila and mouse models has been affected in part by disruption of the gastrointestinal tract
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microbiota (Koh et al. 2008, Glittenberg et al. 2011). The application of antibiotics helped allow
pathogenic yeast (Candida sp.) to overtake the gut, in part by a loss of colonization resistance
(Koh et al. 2008). Results from the Drosophila study showed that germ free conditions increased
mortality, further implicating the gut microbiome as a crucial component in infections
(Glittenberg et al. 2011). Unlike the current study, however, previous work with Drosophila
used antibiotics in combination with an immunosuppressant or knocked out immune genes,
making it difficult to pinpoint causative factors in the infection. Additionally, researchers
evaluated host mortality, not only total pathogen accumulation. Similarly, disease challenge in
the locust, Schistocerca gregaria, was able to directly relate gut microbial diversity to pathogen
accumulation (Dillon et al. 2005). Results showed that microbial community diversity in the gut
was inversely related to pathogen density, thus supporting the diversity-invasion theory (Dillon
et al. 2005). Comparison of the current study to those listed here is difficult, due to distinct
differences in experimental design. As in the examples cited above, studies examined the effects
on the bacterial community after a challenge, and not the other way around. Additionally, many
studies did not measure pathogen loads over time, instead using survival as an indicator.

Overall, microbial community diversity in the gut of oysters did not affect pathogen
accumulation of Vibrio coralliilyticus RE22SmR in their tissues. A high microbial diversity in the
gut did, however, improve oysters’ ability to depurate the pathogen faster. Due to the low sample
size, extrapolating on this finding should be done with caution. Future directions should include
increasing the sample size and evaluating the depuration of pathogens over an extended time
scale. Using 16S rRNA gene amplicon sequencing to validate streptomycin as an effective
disturbance of the gut microbiome would also be beneficial. Because gut bacteria influence host
immune response, measuring immune functions (e.g., phagocytosis, respiratory burst) to assess
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immune homeostasis would lend more comprehensive insight to the response of oysters with
altered microbial consortia. Additionally, measuring oyster clearance rates would benefit our
understanding of the effect on depuration time seen here. Making these improvements would
better allow evaluation of the results in the context of ecological diversity-invasion theory. This
work is the first to investigate and enhance our understanding of the role gut microbiota play in
the physiological health of oysters.
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Tables & Figures

Figure 1. The microcosm system employed in this study.

Each sterile microcosm contained

one oyster raised off the bottom by a grid, with individual air supplies connected to Whatman
0.22 µm filters fitted through the lids. Seawater was sterilized by autoclaving, and a complete
water change was carried out daily.
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Table 1. Null hypotheses and objectives investigated in this study.

Objective
1: Assess how total vibrio pathogen
accumulation varies between
oysters with low and high
functional diversity in their gut
microbiomes (evaluate for oyster
gut, oyster gill, and seawater
samples)

Null Hypothesis
Result
A: When challenged with a pathogen,
there will be no difference in total
vibrio accumulation between
oysters with different functional Fail to Reject
diversities
of
their
gut
microbiomes

1: Assess how vibrio pathogen B: When challenged with a pathogen,
accumulation varies at each time
there will be no difference in
point post-challenge between
vibrio levels in oyster tissues over
oysters with low and high
time between oysters with
functional diversity of their gut
different functional diversities of
microbiome (evaluate for oyster
their gut microbiomes
gut, oyster gill, and seawater
samples)
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Reject

Figure 2. Richness (S) of carbon utilization by heterotrophic microbial communities of oyster
gut and seawater samples by treatment from preliminary experiments. Significantly lower
richness values of microbial communities in the gut of oysters and seawater were seen in
microcosms receiving streptomycin compared to the control (t-test, p < 0.01), and are
represented by different letters. Data are presented as means ± SD. Seawater richness values for
the streptomycin treatment were zero. Oyster, n = 3 - 6; Seawater, n = 3 - 6.
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Figure 3. Concentration of V. corallillyticus RE22SmR, measured by colony forming units
(CFUs) ml-1, in the oyster gill (a), gut (b), and microcosm seawater (c) in at each post-challenge
time point in each treatment. Different letters designate significant differences between time
points within a treatment group (Tukey’s HSD, p < 0.05). No significant differences were
detected between treatments. Dashed line represents the dosage of V. corallillyticus RE22SmR
that each microcosm received during each challenge. Data are presented as geometric means ±
SD (error bars are too small to be visible). n = 3, per time point.
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A. Overview
Interest in host-associated microbial communities has a long history in biology. Scientists
have investigated the prokaryotes associated with oysters for over 100 years (Round 1914,
Colwell & Sparks 1967, Kueh & Chan 1985, DePaola et al. 1990, Green & Barnes 2010,
Lokmer & Wegner 2015). These studies have largely been in the context of disease, but as
technology has advanced, widespread ecological studies of host-associated microbiomes have
increased (Zurel et al. 2011, Pierce et al. 2016, Lokmer et al. 2016a). The advent of nextgeneration sequencing has enabled us to deeply probe microbial communities from all
environments in a way that was not previously available (Caporaso et al. 2011).

The colonization and maintenance of microbial communities within organisms are not the
result of chance interaction. Microbiota and their hosts have coevolved, resulting in a number of
mutual benefits (Round & Mazmanian 2009, Buffie & Pamer 2013). Host organisms reap the
reward of improved digestion, nutrient absorption, immune system development, and protection
from invading pathogens (Crosby et al. 1990, Harris 1993, Wold & Alderberth 2000, Guarner &
Malagelada 2003, Kau et al. 2011, Ley et al. 2005, Turnbaugh et al. 2007, Mazmanian et al.
2008, Forberg et al. 2012, Dishaw et al. 2014a). In turn, microbes receive a stable environment
and a constant nutrient supply (Karasov & Martínez del Rio 2007, Ley et al. 2008a, Neish 2009).
It should be noted, however, that many uncertainties still remain as to whether hosts and their
microbes, or “hologenomes,” evolve as a unit, or separately (Moran & Sloan 2015). Regardless,
host-associated microbiota are an integral component in the development and functioning of their
hosts.
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Microbial communities make excellent models for testing ecological theory. Their rapid
growth allows us to investigate questions in the short-term that would take years or even decades
to understand in eukaryotes. Disturbance, succession, colonization, and diversity-invasion
theories are readily testable by experiments utilizing hosts and their associated microbiota (e.g.,
Dillon et al. 2005). The research in this dissertation touches on ecological theory, and provides a
framework for future studies to further test their underlying hypotheses.

While a profusion of studies on humans have been carried out, the relationship between
marine organisms, their microbiota, and the environment is less clear. Before investigating how
microbes influence oyster physiological enantiostasis, however, the “normal” microbiome must
be characterized. By doing so, we will have a baseline for comparison and can specifically
investigate how changes in the community relate to host functioning. Downstream questions
hinge on understanding the distribution of common microbes. This is why many investigations
have been carried out to understand the spatial and temporal distributions of host-associated
microbiomes. Once the spatial and temporal distributions are known, the next logical step is to
determine if there are core microbes shared across individuals, species, geography, or seasons.
Finally, we can ask detailed questions to determine how microbes interact with their hosts. Tools
such as 16S rRNA sequencing and metagenomics allow us to answer these questions more
accurately. By evaluating both the extrinsic and intrinsic factors that influence genetic and
functional diversity of microbial communities we can piece together the relationships microbes
maintain with host organisms and the environment.
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This chapter will focus on summarizing the results discussed in this dissertation, evaluate
how they fit within the current literature and contribute to the field, and finally, identify future
research directions.

B. The Distribution of Oyster-Associated Microbial Communities

Spatial & Temporal Trends

Over the course of two years, the distributions of microbiota associated with the eastern
oyster, Crassostrea virginica, were evaluated within Long Island Sound. These results
demonstrated that changes in the microbial composition and functional diversity of the oyster
were correlated with temperature, regardless of site. Additional extrinsic influences, such as
salinity, as well as intrinsic factors like host health status (i.e., oyster condition index) and
pathogen loads (Perkinsus marinus infection) were evaluated, but none showed a significant
correlation with microbial community structure. Oyster microbial communities from all sites
were most similar across months that had similar seawater temperatures, with warm months (>
20 °C) distinctly different from cold months (< 10 °C). Results of a second seasonal study
corroborated the findings of the first, showing again that gut microbial communities of oysters
grouped by month (temperature). In the second study, however, genetic diversity was similar
across summer (ca. 20 °C) and fall months (ca. 9 °C). Functional diversity was more directly
correlated with temperature, with richness of carbon sources utilized highest in summer months,
moderate in fall months, and lowest in winter months. At the phylum level, community structure
remained stable seasonally, with shifts seen in abundance but not diversity. At the OTU level, the
same trend was observed, with similar Shannon diversity (H') values throughout the summer and
fall. Unfortunately, samples from the winter failed to amplify. The low bacterial DNA content of
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winter samples, however, suggests that bacterial abundance was low during this time. Gut
samples of oysters from two sites (Avery Point and Norwalk) in November 2011 were sequenced
with those of oysters sampled in November 2013 (Avery Point). All samples clustered together
giving further indication that oyster gut communities are stable spatially (within Long Island
Sound) and temporally from year to year during the same season.

Other studies on oyster-associated microbiota have not aligned with these results, instead
demonstrating intraspecies variation between sites (King et al. 2012, Trabal et al. 2012, Trabal et
al. 2014). The overall similarity of microbial communities in this work could be attributed to
high gene flow between oysters at different sites within Long Island Sound (Hedgecock et al.
1994). It has been hypothesized that the host imparts control over the maintenance of its
microbiota (Dishaw et al. 2012), and host genotype has been shown to influence microbiota
(Wegner et al. 2013, Lokmer et al. 2016a). Intraspecific differences seen in other studies
compared to these results may be attributable to population level differences of oysters. The
seasonal variability observed in bacterial abundance, however, is corroborated by other studies
which show a direct relationship between temperature and number of bacteria isolated from
bivalves (Motes et al. 1998, Pujalte et al. 1999, Cavallo et al. 2009, Zurel et al. 2011). As many
bacteria experience optimal growth at higher water temperature ranges, a decrease in bacterial
counts in cold, winter months was not unexpected.

Across all of the experiments, 22 bacterial phyla associated with the oyster gut were
sequenced. The average sample had about 300 OTUs and a Shannon diversity index of 4.
Individuals were largely dominated by the Proteobacteria and Tenericutes. On a class level,
Gammaproteobacteria were the most abundant, followed by Alpha- and Betaproteobacteria. The
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types of bacteria found and their abundances are similar to other oyster studies utilizing
molecular methods. Trabal et al. (2014) sequenced 13 phyla from three different Crassostrea
spp. and samples were dominated by Proteobacteria. In C. virginica, King et al. (2012) found 12
phyla

associated

with

the

gut,

also

with

high

prevalences

of

Proteobacteria.

Gammaproteobacteria from the digestive gland of adult Crassostrea spp. are highly abundant,
followed by Alpha- and Betaproteobacteria (Hernández-Zarate & Olmos-Soto 2006, Trabal et
al. 2012, Trabal et al. 2014, Wang et al. 2016). Number of OTUs observed (species richness)
and Shannon diversity (H') values were also similar to my results, although they were generally
lower (Trabal et al. 2014, Wang et al. 2016). Results from Lokmer et al. (2016b), however,
showed species richness and diversity values in the gut of C.gigas, that were similar to those
found in my studies. A reduced number of phyla in Trabal et al. (2014) and King et al. (2012)
compared to my own work could be attributed to the starvation of oysters by Trabal et al. (2014)
prior to analysis and a low sample size (n = 3) employed in King et al. (2012). Additionally,
incongruencies among studies may be the result of applied methodologies. For example,
differences in primer sets result in the amplification of different bacterial taxa. The studies
described above analyzed either the V1-V2 or V3-V5 regions of the 16S gene, while my studies
used the V4 region (utilized by the Earth Microbiome Project).

Results of studies examining temporal and spatial changes in the microbiome of other
marine invertebrates are similar to those of my studies. A spatial stable microbiome has been
observed in sponges, corals, and tunicates (Fan et al. 2012, Dishaw et al. 2014b, Roder et al.
2014). Many corals and sponges maintain microbial community structures that have been
described as species-specific (Rohwer et al. 2002, Trindade-Silva et al. 2012). Like oysters,
these organisms are suspension-feeding sessile marine invertebrates. As diet has been shown to
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influence the structure of microbial communities in mammals (Ley et al. 2008b), the similarities
between these other hosts and oysters may be of significance.

In the context of diet type, my findings of 22 classified bacterial phyla associated with the
oyster gut are similar to results of other marine organisms. Ley et al. (2008a) found that
herbivorous mammals had the highest bacterial diversity at the phylum and OTU level compared
to carnivores and omnivores. Most humans, for example, have microbial communities
represented by 6 phyla (Ley et al. 2006). Individual adult zebrafish are omnivorous and harbor
gut microbial communities with 100 - 200 OTUs from approximately 20 phyla (Roeselers et al.
2011, Stephens et al. 2016). In keeping with this trend, filter-feeding marine sponges maintain
highly diverse microbial communities, with over 32 phyla commonly observed from any one
species (Reveillaud et al. 2014, Thomas et al. 2016).

On a tissue level, in this study gut microbiota maintained a lower functional diversity
compared to the pallial fluid microbiota. Variation in functional diversity between sites was
greater in gut microbial communities than in pallial fluid microbial communities. The high
similarity of function in pallial fluid communities was likely attributable to its constant contact
with the environment, as the suspension-feeding mechanism of oysters baths the pallial cavity in
seawater. Due to this contact, the pallial cavity is likely composed of a broader proportion of
transient microbes found in seawater. Comparatively, the lower diversity in the gut indicates
specialization. For example, microbes that thrive within the gut of organisms must tolerate more
extreme conditions (i.e., low pH) (Hood et al. 1971). Similar results were found by Lokmer et al.
(2016b) in reference to genetic, not functional diversity, of oyster microbiota from different
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tissues. Species richness was lower in gut samples compared to hemolymph and gill-associated
microbial communities (Lokmer et al. 2016b).

Host Species Variation

Microbial communities in the guts of mussels showed similar temporal trends to those of
oysters. Like oysters, mussels also maintained high genetic diversity over the summer and fall. In
the winter, however, the diversity and abundance of the microbiota decreased. Comparison is
difficult due to the lack of sequencing data from winter oyster samples. Interestingly, both oyster
and mussel gut microbial communities had the highest diversity and OTU abundance in
November. Mussel samples were dominated by the phyla Proteobacteria and Tenericutes across
all seasons. Overall, individual mussels had microbial communities that were more
taxonomically similar to one another than they were to individual oysters. Number of OTUs
observed (richness) and Shannon diversity values were also higher for mussels – generally 400 to
600 and 5, respectively. Another major difference was seen in the potential catabolic activity of
mussel microbial communities. Unlike oysters, the microbiota of mussels maintained high
functional diversity, richness, and evenness seasonally. Oysters demonstrated a significant
reduction, often times to zero, of microbial functional diversity during the winter. This functional
stability of the microbial communities in the gut of mussels may be attributed to host
physiological activity. In contrast to oysters, mussels remain active during winter months with
clearance rates (L g–1 h–1) that can remain similar across temperature ranges of 0.5 to 12 °C
(Cranford et al. 2011). Other studies have also shown Proteobacteria as the most abundant
phylum from mussel-associated microbial communities, specifically α- and γ-Proteobacteria
(Pfister et al. 2010, Winters et al. 2011, Cleary et al. 2015). This result mirrors phylum level
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abundance trends in oysters. In keeping with my results, which showed that mussels had a higher
diversity than oysters, Cleary et al. (2015) isolated a total of 44 bacterial phyla from
Brachiodontes sp. mussels from marine lakes and mangroves.

Overall, microbial communities in the gut of mussels had their genetic diversity and
abundance influenced by season, but not their functional diversity with respect to carbon
metabolism. Microbial communities in the gut of oysters, however, did see a significant
reduction in their functional diversity with season.

Core Microbiota

Across experiments, the number of bacteria in the core oyster microbiome varied. It was
highest when oysters within a single time point were compared. Even seasonally, though, oysters
maintained 108 shared OTUs across the summer and fall from two different years. Mussels
maintained a core microbiome of 161 OTUs from all seasons. Together, both bivalves had a
shared core of 117 OTUs, or 11 to 15% of the total OTUs observed. In other marine organisms,
fewer core OTUs have been observed (e.g., shrimp – 18 OTUs, Rungrassamee et al. 2014;
zebrafish - 21 OTUs, Roeselers et al. 2011). Differences between organisms could be due to diet,
as herbivorous organisms generally have the highest bacterial diversity in their gut communities
(Ley et al. 2008a & 2008b). As I saw at the phylum level, the high number of core OTUs found
in my research for herbivorous bivalves compared to carnivorous or omnivorous marine
organisms is consistent with previously described influences of diet (Ley et al. 2008a & 2008b).

Mycoplasma OTUs were one of the more abundant and consistent members of the core.
The abundance of Mycoplasma OTUs in bivalves has been commonly documented in a number
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of studies (Green & Barnes 2010, King et al. 2012, Wegner et al. 2013, Cleary et al. 2015).
Other common members were Phaeobacter spp. and Spirochaetes in the family
Brachyspiraceae. Spirochaetes have long been considered symbionts of the oyster gut due to
their frequent isolation from the crystalline style (Margulis & Hinkle 1992). Phaeobacter spp.
have been implicated as critical for host defense against invading vibrio pathogens (Prado et al.
2009, Karim et al. 2013, Sohn et al. 2016, Zhao et al. 2016). Their naturally high abundance
indicates a symbiosis with oysters. Although other oyster research has not completely agreed
with the spatial and temporal results I obtained, Trabal et al. (2014) noted that by site, all 3
species of Crassostrea oysters maintained a core gut microbiome.

C. Microbial Role in Host Physiological Enantiostasis

Antibiotic mediated disturbance of gut microbial communities had varied effects on
oyster physiological functioning. The application of an antibiotic cocktail reduced the number
and diversity of bacterial taxa in oysters as well as the functional diversity (richness) of the
microbiota. It also reduced the number of OTUs shared among oysters compared to controls. In
the experiment examining oyster digestive activities, this alteration resulted in reduced
production of the enzyme xylanase. It did not affect the production of cellulase, protease, or
amylase enzymes, nor did it impact the absorption efficiency of organics from the diet.

Several explanations for these results are possible. One is the contribution of enzymes
from lysed cells, which has been shown to impact digestion even after bacteria are eradicated
(Harris 1993). A second explanation is bacterial-bacterial or bacterial-animal horizontal gene
transfer (HGT). Several examples within the sessile marine invertebrate phyla have emerged to
suggest that the incorporation of bacterial genes into host animal genomes occurs and is related
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to improving metabolic functioning (Boto 2014, Degan 2014). In this case, bacterial genes
responsible for enzyme production and other metabolic processes would be transferred to the
eukaryotic host genome. Additionally, functional redundancy of enzyme production genes could
occur within the microbial community. As such, the antibiotic elimination of certain bacteria
may not result in an overall disruption of enzyme production and host enantiostasis.

Other research on bivalves has attempted to elucidate the digestive enzyme contribution
from microbiota. Researchers highlight the lack of a significant effect of the microbial
communities on total enzyme production (Newell & Langdon 1986, Mayasich & Smucker 1987,
Crosby et al. 1989), although conflicting results have been reported (Crosby et al. 1990). This
finding is similar to my results, where alterations in the microbial community in the gut did not
considerably impact enzyme production. Much of this work occurred during the 1970’s and
1980’s prior to the advent of modern sequencing technologies. Although informative, they
lacked the culture-independent methods to evaluate the complete removal of bacteria from
bivalves.

In the vibrio challenge experiment, antibiotic treatment did not have an effect on
pathogen accumulation in oyster tissues, but did significantly affect the time it took oysters to
depurate pathogens. This result suggests that a high diversity of microbiota in the gut influences
the ability of oysters to reduce pathogen loads. Ecological diversity-invasion theory suggests that
a diverse community may deter pathogen colonization, as has been seen in other pathogenmicrobiome studies (Dillon et al. 2005). No significant reduction in the vibrio loads in oysters
from the low diversity treatment may be due to the idea that pathogens were able to begin
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colonizing. My work is unique in that studies utilizing antibiotics commonly look at disruption
of immune functioning, not pathogen accumulation in reference to disease.

D. Contribution to the Field

The research outlined in this dissertation begins to fill a paucity of knowledge regarding
C. virginica and its gut microbiome. When I began my research, almost no publications existed
describing the microbial communities of oysters using culture-independent methods. Even fewer
existed that targeted specific tissues instead of homogenizing whole organisms. Extensive,
broad-scale ecological studies taking into account temporal and spatial distributions of oysterassociated microbial communities had never been done. Even now, only a few research groups
have begun investigating these topics (Trabal et al. 2012 & 2014; Wegner et al. 2013, Lokmer &
Wegner 2015, Lokmer et al. 2016a & 2016b), and fewer still use C. virginica as a model
organism.

Many of my results are difficult to compare and contrast with other studies because of the
overall lack of data on oyster microbiomes, especially with reference to host physiology. The
contribution of microbiota to digestive enzyme production is still unknown. Disease studies
focus on probiotic formulation or how the microbiota change post-challenge. For example,
Vibrio harveyi challenges in two species of shrimp resulted in alteration of the normal intestinal
microbiota (Rungrassamee et al. 2016). Additionally, a difference in bacterial community
structure was observed for corals infected with Black Band Disease compared to corals without
the disease (Frias-Lopez et al. 2002, Frias-Lopez et al. 2004). In these cases the pathogens
themselves altered the microbiome. It is unclear, however, if reduced bacterial diversity is a
cause for increased disease susceptibility or just an effect of pathogen infection.
222

Overall, the results summarized here provide a solid framework for future experimental
research. Understanding natural variation in the genetic and functional diversity of the oysterassociated microbial communities is vital for establishing a baseline to which the effects of
extrinsic and intrinsic factors can be compared. My research is the first to exam large temporal
and spatial variation in the microbial communities of C. virginica. It is also the first to compare
the marine snow-associated microbiome, a component of the bivalve diet, to that of suspensionfeeding bivalves. These results help to inform the growing fields of marine microbial ecology
and microbiome research. My work has begun to delineate the distribution of microbes over
spatial and temporal scales, host tissues, and intraspecific and interspecific variation. This
information lends insight into the extrinsic and intrinsic factors that shape microbial
communities, and vice versa. Building on this work will allow more direct probing of questions
relating to the role of microbial communities in host physiological functioning and enantiostasis.
As the eastern oyster is a key component in ecosystem health, the factors that influence oyster
functioning and disease are critical to maintaining near-shore, benthic ecosystems. In light of
changing climate regimes, it’s crucial to understand the relationships between hosts and their
associated microbiota, stressors, and environmental perturbations. By investigating specific hostmicrobiome interactions we may be able to make ecological predictions for the future.

E. Future Research

The results collected and summarized in this dissertation provide a base of knowledge to
further investigate microbial-host interactions in a meaningful way. While effects of microbial
diversity on host physiological functioning were variable, more insight could be gained by
refining and improving the experiments in several ways. In general, discrepancies in diversity of
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the gut microbial communities were seen between experiments. Alterations in nucleic acid
extraction, PCR, and amplicon sequencing methods may account for these differences.
Optimizing methods specifically for oyster tissue samples would improve results and allow for
better comparison between experiments.

An important first step is understanding how oyster genotype defines the gut microbiome.
Population studies on C. virginica would help tease apart host and environmental influences on
the microbial community. By detecting previously identified, oyster-specific single nucleotide
polymorphisms (SNPs) a profile of genetic variation of populations can be created (Quilang et
al. 2007). Other work has shown a link between genetic diversity of the gill microbiota and
genetic similarity of Pacific oyster hosts (Wegner et al. 2013), and analogous results may exist
for eastern oysters.

Experiments assessing the impact of the gut microbial communities on digestive abilities
would benefit from longer timelines. By increasing the length of the experiment, the
confounding effect of enzymes contributed by lysed cells could be removed. Another obscuring
factor could be horizontal gene transfer (HGT). Many experiments are designed to investigate
the relationship between host and microbes, but the relationships between microbes in a
community may be just as important. If microbes transfer genes relating to enzyme production to
other microbes prior to their destruction with antibiotics, the disturbance may not result in
physiological impairment. Additionally, bacterial-animal HGT has only recently been
investigated and may serve to expand host metabolic functioning. Understanding the role of
HGT would be helpful in future studies but is limited due to the lack of a reference genome for
C. virginica.
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When preforming disease challenges, sample time points longer than 24 hours should be
included, due to the fact that a significant effect of time on pathogen loads was observed only at
the final time point of the experiment. A water change to remove pathogens from microcosms
post-challenge would give insight to oysters’ response to an acute exposure, removing the factor
of continued contact with pathogens. Such a design may be more effective for shorter-time scale
experiments. Additionally, metagenome sequencing and measuring immune functions (e.g.,
respiratory burst, phagocytosis) should be included to give insight to how host response differs
with antibiotic treatment. Genes related to the production of reactive oxygen species (ROS),
lysozymes, and phagocytosis have been found in C. gigas and their expression has been linked to
the presence of virulent vibrios (Fluery et al. 2009, de Lorgeril et al. 2011). If the resident
microbiota influences the host immune response to infection, disturbing the community with
antibiotics should result in altered immune-related gene expression in those oysters. Additional
improvements to experimental design include measuring bivalve clearance rates and repeated
challenges over time to compare acute vs. chronic exposures.

As with all research, results only generate more questions. The large scale spatial and
temporal surveys I carried out generated results that elicited the need for further investigation.
For example, do core microbiome trends seen here hold true with other bivalve species? Do they
hold true with other suspension feeders (e.g., Crepidula spp.)? Is the similarity seen between
oyster and mussel microbiomes due to their genetic similarity or to their shared feeding
mechanism? Do other marine filter feeders harbor the same numbers and types of bacteria as
bivalves? Do they share a core? With continued reference to the eastern oyster, do C. virginica
from other locations (i.e., Chesapeake Bay, Gulf of Mexico) harbor the same bacteria as those in
Long Island Sound? How far do spatial trends extend until they are broken? Do the core
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microbiota contribute to specific host physiological functions? Does a high diversity in the gut
microbiome inhibit pathogen colonization in the long term? Investigating such questions would
be beneficial, resulting in an enhanced understanding of host-bacterial interactions.
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Appendix: The core gut microbiome of the oyster
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Introduction
The composition of the core microbiome and its contribution to the total gut microbiome
of oysters were assessed. This was carried out by comparing the gut microbiota of eastern oysters
(Crassostrea virginica) held in microcosms to those from the environment (UConn Avery Point,
Groton, CT). By maintaining oysters in a sterile microcosm, transient bacteria would be
depurated, while core, or resident microbiota, would remain. This allowed a better understanding
of the core microbiota in the gut of oysters without stressing them by starvation. A single
experiment was performed, and 16S rRNA gene data from chapters 3 and 4 were also used for
comparison. Not all data were relevant for the purposes of those chapters, and as such is
presented here.

Methods
An experiment was setup using the same microcosm system as outlined in Chapters 4 and
5. During May 2015, six oysters were removed from the dock at UConn Avery Point (Groton,
CT) and maintained in sterile microcosms for 5 days. On day 6, oysters from the environment
group (henceforth referred to as “dock”) and the microcosm group (henceforth referred to as
“chamber”) were dissected. Dissections were carried out as described in Chapter 3 and Pierce et
al. (2016). Two-step PCR and bioinformatics were carried out as described in Chapter 4. All core
microbiomes were defined as those bacteria observed in 95% of samples, and had chloroplast
(eukaryotic algal cells) Operational Taxonomic Units (OTUs) removed from the analysis. Data
relating to core OTUs, the contribution of core OTUs to the total microbiome abundance, and the
average abundance of phylum level taxa from Chapters 3 and 4 were also used for comparison.
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Results & Conclusions
The contribution of each phylum to the total abundance of bacteria in the gut microbiome
of each individual oyster is shown in Figure 1. The major difference between the chamber and
dock oysters was the abundance of Cyanobacteria and Proteobacteria, with dock oysters
harboring more Cyanobacteria and chamber oysters harboring more Proteobacteria. A total of
30 and 31 core OTUs were found in the chamber and dock oysters, respectively (Figure 2). They
maintained a shared core of 8 OTUs. When core microbiomes from the individual treatments
were analyzed at lower taxonomic groups, chamber oysters were dominated by OTUs associated
with

Rhodobacteraceae

(non-Phaeobacter),

Mycoplasma,

Alphaproteobacteria,

Rhodobacteraceae belonging to the genus Phaeobacter, Vibrionaceae, and Spirochaetes
belonging to the family Brachyspiraceae (Table 1). Dock oysters maintained cores dominated
with OTUs from the same groups as well as a number of unclassified Bacteria,
Gammaproteobacteria, Plantomycete, and the cyanobacterium Synecchococcus (Table 1).

The core OTUs shared by both groups belonged to the genera Mycoplasma and
Phaeobacter, and the families Brachyspiraceae and Vibrionaceae. Additionally, OTUs from the
same taxa were found in the core of chamber and dock oyster gut samples from previous
experiments (Table 1). Methylobactereaceae and non-Phaeobacter Rhodobacteraceae were also
commonly found across treatments and experiments

Major phyla shared by all treatments across all experiments were the Proteobacteria,
Tenericutes, Spirochaetes, Bacteroidetes, Cyanobacteria, and non-classified bacteria (Figure 3).
Plantomycetes and Cyanobacteria were found in higher abundances in oysters taken directly
from the marine environment. Proteobacteria were more abundant in oysters maintained in
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microcosms. The consistent reduction of Cyanobacteria from oysters kept in microcosms
suggests that they are not a resident member of the bacterial community. The reduced abundance
of Cyanobacteria in oysters held in microcosms was associated with an increase in
Proteobacteria. Plantomycetes are known to degrade algal polysaccharides, which may explain
why they were more common in oysters sampled directly from the environment.

The contribution of core bacteria to the total abundance of the community was higher in
microcosm oysters compared to environmental oysters (Figure 3). Removing unclassified
bacteria, the core taxa in oysters from the environment only accounted for about 20% of the total
abundance (Figure 3). In contrast, those oysters held in microcosms maintained core taxa that
accounted for approximately 50% of the total abundance of bacteria in the gut (Figure 3). This
finding reinforces that these bacteria are core components of the oyster gut microbiome. When
placed in microcosms, the oysters depurate non-commensals. The removal of these bacteria from
the gut means that the core bacteria then account for higher abundances in the total community.
Such a result is also seen when comparing the diversity index and richness (# of OTUs observed)
between dock and chamber oysters (Table 2). Although not significant, the dock oysters had an
overall higher diversity index and more OTUs. In contrast, the chamber oysters had a lower
diversity and total number of OTUs, likely due to the fact that they had depurated the transient
bacteria. The transient bacteria would account for dock oyster having higher diversity indices
and more OTUs.

When microcosm and environmental oysters from Chapter 4 were compared to those in
the current experiment, oysters held in microcosms grouped closer to one another (Figure 5). The
two groups of environmental oysters did not group together; likely due to them being sampled
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during different seasons. Although variation in abundance occurs seasonally, there are a number
of bacterial taxa that appear to be part of the core oyster gut microbiome. These include
Proteobacteria (α- and γ-), Spirochaetes, and Tenericutes at the phylum level. More specifically
the core is comprised of OTUs belonging to Mycoplasma, Phaeobacter, Brachyspiraceae, and
Vibrionaceae. Many samples still maintain a high proportion of unclassified Bacteria, sometimes
accounting for over 50% of the total abundance. The presence of Vibrionaceae as a core OTU
found consistently across temporally distinct oyster samples is interesting because vibrios are
commonly known to be opportunistic pathogens. The presence of Phaeobacter OTUs is
interesting because it is known that some Phaeobacter spp. can provide protection to oysters and
other hosts against vibrio infections (Prado et al. 2009, D’Alvise et al. 2013, Karim et al. 2013,
Sohn et al. 2016, Zhao et al. 2016). Brachyspiraceae as a core microbe is unsurprising due to the
well-known association of Spirochaetes with the crystalline style of oysters (Margulis & Hinkle
1992). Mycoplasma spp. have also been consistently identified as associated with the oyster,
sometimes in high abundances (Green & Barnes 2010, King et al. 2012, Wegner et al. 2013).

The use of a sterile, microcosm isolation system allowed for the depuration of
environmental bacteria and resulted in a clearer depiction of the resident bacteria present in the
oyster gut. Importantly, this system removes the variable of stress that starving oysters would
add, which itself can influence the microbiome composition. Meanwhile, 16S amplicon
sequencing data from environmental oysters provides a baseline for comparison to help tease
apart transient and resident bacterial groups.
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Figures & Tables

Figure 1. The contribution of each prokaryotic phylum to the total abundance of the oyster gut
microbiome. Each bar is one oyster. Chamber = oysters kept in microcosms, Dock = oysters
sampled directly from the environment.
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Figure 2. Venn Diagram showing the core OTUs within and between treatments. Groups are as
described in Figure 1. Both chamber and dock oysters maintained within treatment cores
composed of a similar number of OTUs. Between treatments, however, only eight of those OTUs
were shared among 95% of all oysters.
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Table 1. Taxonomic assignments for the core OTUs found in each group. Classes for
Proteobacteria are designated with their corresponding Greek letters. Asterisk (*) designates
shared OTUs from Figure 2 (total of 8). A total of four bacterial taxa were shared among all
oysters.

#OTUs Observed
Chamber
Dock
(Ch4Control)
3*
1

Dock
(Ch4Initial)
3

Phylum

Lowest
Designation

Taxonomy

Chamber

Tenericutes

Genus

Mycoplasma

5*

Spirochaetes
Proteobacteria
(α)
Proteobacteria
(γ)
Proteobacteria
(α)
Unclassified
Proteobacteria
(α)
Proteobacteria
(γ)
Proteobacteria
(γ)
Proteobacteria

Family

Brachyspiraceae

2*

2*

4

2

Genus

Phaeobacter

3*

1*

2

4

Family

Vibionaceae

3*

2*

1

2

Family

Rhodobacteraceae

6

-

3

4

Kingdom

Bacteria

1

5

-

1

Family

Methylobacteriaceae

-

1

1

1

Family

Oceanospirillaceae

1

-

-

5

Genus

Psuedoaltermonas

2

-

-

3

Phylum

Proteobacteria

2

-

1

-

Firmicutes

Genus

Staphylococcus

-

-

1

1

Cyanobacteria

Genus

Synechococcus

-

2

-

-

Plantomycetes

Genus

Plantomycete

-

2

-

-

Actinobacteria
Proteobacteria
(δ)
Proteobacteria
(γ)
Proteobacteria
(α)
Bacteroidetes

Order

Actinomycetales

-

2

-

-

Family

Desulfobulbaceae

-

2

-

-

Genus

Halomonas

1

-

-

-

Class

Alphaproteobacteria

1

-

-

-

Genus

Tenacibaculum

1

-

-

-
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Proteobacteria
(α)
Proteobacteria
(α)
Proteobacteria
(α)
Actinobacteria
Proteobacteria
(δ)
Proteobacteria
(γ)
Proteobacteria
(γ)
Proteobacteria
(γ)
Proteobacteria
(ε)
Proteobacteria
(α)
Proteobacteria
(β)
Proteobacteria
(γ)
Proteobacteria
(ε)
Proteobacteria
(α)
Verrucomicrob
ia
Bacteroidetes
Proteobacteria
(γ)
Proteobacteria
(γ)

Genus

Cohaesibacter

1

-

-

-

Genus

Tropicibacter

1

-

-

-

Family

Rickettsiaceae

-

1

-

-

Family

C111

-

1

-

-

Order

Myxococcales

-

1

-

-

Order

Chromatiales

-

1

-

-

Family

OM60

-

1

-

-

Order

HOC36

-

1

-

-

Family

Heliobacteraceae

-

1

-

-

Family

Hyphomicrobiaceae

-

1

-

-

Family

Comamonadaceae

-

1

-

-

Family

Francisellaceae

-

-

1

-

Genus

Sulfurospirillum

-

-

1

-

Genus

Sphingomonas

-

-

1

-

Genus

Akkermansia

-

-

1

-

Order

Flavobacteriales

-

-

1

-

Family

Colwelliaceae

-

-

-

1

Genus

Moritella

-

-

-

1
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Figure 3. Contribution of the core bacterial taxa to the total abundance. Data are presented as
means for each treatment (n = 3 - 7). Chamber and Dock groups are as described in Figure 1.
Chamber (Ch4 - Control) = control oysters held in microcosms, Dock (Ch4 - Initial) = oysters
from the environment held in microcosms, Ch3 = oysters from the environment from the months
Sept, Nov, and July.
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Table 2. Shannon diversity index and number of OTUs observed for each treatment. Data are
presented as means ± SD (n = 6). Groups are as described in Figure 1. No significant effect of
treatment was seen on Shannon diversity index values or the number of OTUs observed (t-test, p
> 0.05).

Shannon
Index

OTUs
Observed

Chamber

3.4 ± 0.98

136 ± 24

Dock

4.1 ± 1.2

164 ± 36
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Figure 4. Phylum level contributions to total abundance of the oyster gut microbiome. Data are
presented as means (n = 3 - 7). Groups are as described in Figures 1 & 3.
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Figure 5. Principle Coordinate Analysis (PCoA) of 16S rRNA sequences using the Unweighted
UniFrac metric. Blue plus signs = dock, orange circles = chamber, red squares = chamber (ch4),
green triangles = dock (ch4). More detailed descriptions of sample types are in Figures 1 & 3.

244

Literature Cited
D’Alvise, P.W., S. Lillebø, H.I. Wergeland, L. Gram, Ø. Bergh. 2013. Protection of cod larvae from vibriosis by
Phaeobacter spp.:A comparison of strains and introduction times. Aquaculture. 384-387(25):82-86.
Green, T.J., A.C. Barnes. 2010. Bacterial diversity of the digestive gland of Sydney rock oysters, Saccostrea
glomerata infected with the paramyxean parasite, Marteilia sydneyi. J. Appl. Microbiol. 109: 613-622.
Karim, M., W. Zhao, D. Rowley, D. Nelson, M. Gómez-Chiarri. 2013. Probiotic strains for shellfish aquaculture:
protection of eastern oyster, Crassostrea virginica, larvae and juveniles against bacterial challenge. J. Shellfish
Res. 32(3):401-408.
King, G.M., C. Judd, C.R. Kuske, C. Smith. 2012. Analysis of stomach and gut microbiomes of the eastern oyster
(Crassostrea virginica) from coastal Louisiana, USA. PLoS ONE. 7:e51475.
Margulis, L., G. Hinkle. 1992. Large symbiotic spirochetes: Clevelandina, Cristispira, Diplocalyx, Hollandina and
Pillotina. In The Prokaryotes, 2nd ed, Vol. 4, H.G. Trüper, M. Dworkin, W. Harder and K.H. Schleifer (Eds.),
pp. 3965–3978, Springer-Verlag, New York.
Pierce, M.L., J.E. Ward, B.A. Holohan, X. Zhao, R.E. Hicks. 2016. The influence of site and season on the gut and
pallial fluid microbial communities of the eastern oyster, Crassostrea virginica (Bivalvia, Ostreidae):
community-level physiological profiling and genetic structure. Hydrobiologia. 765(1):97-113.
Prado, S., J. Montes, J.L. Romalde, J.L.B. Pérez. 2009. Inhibitory activity of Phaeobacter strains against
aquaculture pathogenic bacteria. Int. Microbiol. 12:107-114.
Sohn, S., K.M. Lundgren, K. Tammi, M. Karim, R. Smolowitz, D.R. Nelson, D.C. Rowley, M. Gómez-Chiarri.
2016. Probiotic strains for disease management in hatchery larviculture of the eastern oyster Crassostrea
virginica. J. Shellfish Res. 35(2):307-317.
Wegner, K.A., N. Volkenborn, H. Peter, A. Eiler. 2013. Disturbance induced decoupling between host genetics and
composition of the associated microbiome. BMC Microbiol. 13: 252.
Zhao, W., C. Dao, M. Karim, M. Gómez-Chiarri, D. Rowley, D.R. Nelson. 2016. Contributions of tropodithietic
acid and biofilm formation to the probiotic activity of Phaeobacter inhibens. BMC Microbiol. 16:1
doi: 10.1186/s12866-015-0617-z.

245

